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Methane is the simplest hydrocarbon and a potent greenhouse gas that plays 
important roles in atmospheric chemistry, the global carbon cycle, and the formation 
of gas hydrates in marine sediment. Microbial production of methane is the terminal 
step during the degradation of organic matter. It is generally thought that methane is 
predominantly produced from hydrogenotrophic and acetoclastic methanogenesis, 
while methylotrophic methanogenesis and its relative importance for methane 
production in marine sediments remain largely unconstrained. The main objective of 
this study is to constrain potential methylated substrates and methylotrophic 
methanogenic activities, and further evaluate the importance of methylotrophic 
methanogenesis in marine sediment. 
As the lack of knowledge on in situ concentrations of methylated compounds 
impedes our understanding on their quantitative contribution to methane production, 
the first step was to determine the concentrations and carbon isotopic composition of 
methylated compounds using newly-developed methods. Quantitative or isotopic 
analysis of methanol, trimethylamine (TMA) and dimethylsulfide (DMS) in marine 
sediment and pore waters were achieved using gas chromatographic approaches in 
combination with a range of pretreatment techniques. Using these protocols, the 
concentrations and distributions of methylated compounds were determined in a 
variety of marine sediments from Aarhus Bay in Denmark, Orca Basin in the Gulf of 
Mexico and Gulf of Lions in the northwestern Mediterranean Sea. 
To further constrain the importance of methylotrophic methanogenesis, two case 
studies combining the newly-developed methods as well as various biogeochemical 
analyses were performed in hypersaline sediment and estuarine sediment. In 
hypersaline sediment of Orca Basin, multiple lines of evidences from abundances of 
methanogenic substrates, carbon isotope systematics between methane and substrates, 
thermodynamic calculations, stable isotope tracer and radiotracer experiments as well 
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as gene and lipid biomarkers collectively confirmed that methylotrophic 
methanogenesis was the dominant methanogenic pathway in Orca Basin sediments. 
Furthermore, the distribution of methanogenic substrates, activity and diversity 
were characterized to quantitatively estimate the relative importance of different 
methanogenic pathways in estuarine sediment of the northwestern Mediterranean Sea. 
The results showed that both methylotrophic and hydrogenotrophic methanogenesis 
contributed to the formation of methane in the sulfate reduction zone, with 
methylotrophic methanogenesis accounting for 13%-74% of the total methane 
production. In the sulfate-depleted sediments, hydrogenotrophic methanogenesis 
dominated methanogenic pathway (67%-97%), whereas acetoclastic methanogenesis 
contributed up to 31% of methane production in organic-rich sediment. In contrast, 
the contribution of methylotrophic methanogenesis to the total methanogenic activity 
was negligible in the methanogenic zone (< 1%).  
Collectively, new constraints from methylated compounds and the metabolic 
activities improve our quantitative understanding on methylotrophic methanogenesis 
in different marine sediment settings. The findings in this thesis provide more 
comprehensive insights into the relative importance of methylotrophic 






Methan ist der einfachste Kohlenwasserstoff und ein effizientes Treibhausgas, 
das eine wichtige Rolle sowohl in der Chemie der Atmosphäre, dem globalen 
Kohlenstoffkreislauf als auch bei der Bildung von Gashydraten in marinen 
Sedimenten spielt. Mikrobielle Produktion von Methan ist der finale Schritt im Abbau 
organischen Materials. Es wird allgemein angenommen, dass Methan vorwiegend 
hydrogenotroph oder acetoklastisch gebildet wird. Das Auftreten und die Bedeutung 
methylotropher Methanogenese in marinen Sedimenten sind jedoch weitgehend 
unbekannt. Ziel der vorliegenden Arbeit  ist es, potentielle methylierte Substrate zu 
identifizieren und methylotrophe methanogene Aktivität zu quantifizieren um die 
Bedeutung methylotropher Methanogenese in marinen Sedimenten zu evaluieren. 
Da die Konzentrationen methylierter Verbindungen im Sediment und deren 
Beitrag zur Methanproduktion weitestgehend unbekannt sind, bestand der erste Schritt 
darin, Konzentrationen und isotopische Zusammensetzung methylierter Verbindungen 
mit Hilfe neu entwickelter Methoden zu messen. Die quantitative und isotopische 
Analyse von Methanol, Trimethylamin (TMA) und Dimethylsulfid (DMS) in 
marinem Sediment und Porenwasser wurde durch die Kombination von 
Gas-Chromatographie und einer Reihe von Probenvorbereitungsschritten erreicht. Mit 
Hilfe dieser Techniken wurden die Konzentrationen und Verteilungen methylierter 
Verbindungen in  verschiedenen Sedimenten, aus der Aarhusbucht (Dänemark), dem 
Orca-Becken (Golf von Mexiko) und dem nordwestlichen Mittelmeer, bestimmt. 
Um die Bedeutung methylotropher Methanogenese zu bestimmen, wurden die 
neu entwickelten Methoden mit weiteren biogeochemischen Analysen kombiniert und 
in zwei Fallstudien an hypersalines und ästuarines Sediment angewandt. Im 
hypersalinen Sediment des Orca-Beckens zeigte die Kombination aus den 
Konzentrationen methanogener Substrate, Kohlenstoffisotopien von Methan und 
Substraten, Inkubationsexperimenten mit stabilen und radioaktiven 
Kohlenstoffisotopen sowie thermodynamischer Berechnungen und Lipid- und 
Zusammenfassung 
IV 
Genbiomarkern, dass methylotrophe Methanogenese der dominierende methanogene 
Reaktionsweg im Orca-Becken ist. 
Weiterhin wurden die Verteilung methanogener Substrate und methanogene 
Aktivität in ästuarinen Sedimenten aus dem nordwestlichem Mittelmeer 
charakterisiert um die relative Bedeutung der verschiedenen methanogenen 
Reaktionswege zu quantifizieren. Die Ergebnisse zeigen, dass sowohl methylotrophe 
als auch hydrogenotrophe Methanogenese zur Bildung von Methan in der 
Sulfatreduktionszone beitragen. Methylotrophe Methanogenese trug hierbei 13 bis 74% 
zur gesamten Methanproduktion bei. In Sulfat-freien Sedimenten war 
hydrogenotrophe Methanogenese der dominierende Reaktionsweg (67-97%) während 
acetoklastische Methanogenese bis zu 31% zur Methanproduktion in Organik-reichen 
Sedimenten beitrug. Im Vergleich dazu war der Anteil methylotropher 
Methanogenese an der gesamten methanogenen Aktivität innerhalb der methanogenen 
Zone vernachlässigbar (< 1%). 
Zusammenfassend verbessern die neuen Erkenntnisse zur Verteilung methylierter 
Substrate und methylotropher methanogener Aktivität das quantitative Verständnis 
methylotropher Methanogenese in verschiedenen marinen Sedimenten. Die 
Ergebnisse dieser Arbeit ermöglichen somit ein tieferes Verständnis der relativen 
























1.1 Methane production during organic matter degradation in marine sediment  
 
Methane is the smallest but the most abundant hydrocarbon on Earth. As one of 
the most potent greenhouse gases, methane plays important roles in Earth’s 
greenhouse effect, atmospheric chemistry and the global carbon cycle. The major 
sources of atmospheric methane include wetlands, enteric fermentation in animals 
(e.g., termites, ruminants), rice cultivation, biomass burning and fossil fuel (Table 1.1). 
Though the contribution of the ocean to the global methane budget is limited, marine 
sediment is the largest reservoir of methane (500-10,000 gigatons) on Earth 
(Kvenvolden, 2002; Milkov, 2004).  
Table 1.1 Global methane gross production and net emission. Data from Reeburgh, 2007. 
Source  Gross production 
(Tg yr-1)  
Net emission  
(Tg yr-1)   
Nature sources    
Wetlands  142 115 
Termites  44 20 
Oceans and freshwaters  85.3 10 
Hydrates  10 5 
Anthropogenic sources    
Rice cultivation 577 100 
Ruminants 80 80 
Landfills 62 40 
Biomass burning 55 55 
Coal mining 35 35 
Gas production  58 40 
Others 54 25 
Total  1202.3 525 
 
In marine sediment, methane is primarily formed from the breakdown of organic 
matter, which can occur microbially or through thermo-chemical processes. The 
organic matter, derived from the euphotic zone of the ocean by photosynthesis, is 
largely mineralized in the oxic water column during sedimentation, and only a small 
fraction is transported to the sediment surface (Ducklow et al., 2001). With the 
involvement of various microorganisms, the degradation of this small part of organic 
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matter would be the driving force for early diagenesis (Rullkötter, 2006). As 
macromolecular compounds such as structural carbohydrates, proteins, nucleic acids 
and lipid complexes (Fig. 1.1), can not be directly metabolized by prokaryotic 
organisms (Jørgensen, 2000), these polymers are first hydrolyzed to oligomers or 
monomers, e.g., amino acids, simple sugars, and long-chain fatty acids, with 
extracellular enzymes produced by the bacteria (Arnosti, 2011). Subsequently, 
fermenting bacteria degrade the monomeric compounds into a limited number of 
fermentation products including volatile fatty acids and alcohols (e.g., formate, 
acetate, propionate, ethanol), as well as H2 and CO2. Through a further fermentation 
step, the products may be concentrated to the key metabolites such as acetate, H2 and 
CO2.  
  
Fig. 1.1 The stepwise degradation of organic matter in marine sediments (Modified from 
Konhauser, 2009).  
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During early diagenesis, the degradation of organic matter could be coupled to 
various terminal electron-accepting processes. Depending on the energy yield, these 
processes follow the sequence of aerobic respiration, nitrate reduction, metal 
reduction (e.g., manganese and iron), sulfate reduction and methane production 
(Froelich et al., 1979). Ideally, this sequence could be reflected from the vertical 
profile with biogeochemical zonations in marine sediments (Fig. 1.2). With increasing 
depth into the sediment, the decreasing energy yield from methane production 
restricts methanogenic microorganisms to utilizing a limited number of substrates, 
such as H2/CO2, acetate and methylated compounds (Fig. 1.1). The formation of 
methane is the terminal step of organic carbon degradation, which could account for 
5-10% of organic matter mineralization (Canfield et al., 2005; Hinrichs and Boetius, 
2003). The residual refractory organic matter that escapes mineralization will be 
deposited to the deeper sediment, and constitute one of the major carbon reservoirs on 
Earth (Hedges and Keil, 1995). Increasingly heated with depth during burial, the 
recalcitrant organic matter could be further thermally altered to methane and higher 
hydrocarbons.  
 
Fig. 1.2 Pathways of organic carbon degradation and related biogeochemical zonations in marine 
sediments (modified from Konhauser, 2009 and White, 2013). [CH2O] symbolizes organic matter 




1.2 Methane source in marine environment 
 
In general, methane could be produced biogenically by microbial or thermogenic 
degradation of organic matter, and abiogenically by chemical reactions independent of 
organic matter.  
 
1.2.1 Abiogenic methane 
 
At minor amounts on a global scale, abiogenic methane could be formed by 
either high-temperature magmatic processes in volcanic and geothermal areas, or via 
low-temperature (<100 °C) gas-water-rock reactions in continental settings (Etiope 
and Sherwood Lollar, 2013). The most widely invoked mechanism for the generation 
of abiotic methane could be the catalytic hydrogenation of carbon oxides (CO and 
CO2) by Fischer-Tropsch-type reactions (Eqs. 1.1 and 1.2), especially in serpentinized 
ultramafic rocks (Charlou et al., 2002; Horita and Berndt, 1999). During diagenesis of 
oceanic rocks, hydrogen could be released from a variety of processes such as 
serpentinization and radiolysis (Smith et al., 2005). With the aid of hydrogen, the 
transformation of the carbon gas molecules could occur on the surface of metal 
catalysts (e.g., nickel, iron, chromium). This synthetic pathway has been 
experimentally investigated under hydrothermal conditions, at temperatures above 
200 °C and high pressures (McCollom and Seewald, 2006), and the synthesis is also 
theoretically possible at low temperature.  
nCO + 2nH2 = —(CH2)n— + nH2O                         (1.1)  
CO2 + 4H2 = CH4 + 2H2O                                (1.2) 
Instead of the involvement of a heterogeneous catalyst or gas phase, abiotic 
production of methane may occur in aqueous solution in presence of CO2, CO and H2 
at relatively high temperatures (> 150 °C) (Seewald et al., 2006). Aqueous CO2 is 
reduced to methane through a series of redox reactions with formic acid, 
formaldehyde or methanol as intermediates (Eqs. 1.3-1.6). Such abiotic reactions 
involving aqueous carbon compounds in hydrothermal conditions may influence 
metabolic pathways utilized by organisms that inhabit submarine vent environments. 
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CO2 + H2 → HCOOH                             (1.3) 
HCOOH + H2 → CH2O + H2O                      (1.4) 
CH2O + H2 → CH3OH                             (1.5) 
CH3OH + H2 → CH4 + H2O                         (1.6) 
 
1.2.2 Biogenic methane 
1.2.2.1 Microbial production of methane  
 
Basically, the overwhelming majority of methane is produced by methanogenic 
microorganisms during the degradation of organic matter. With respect to the 
utilization of low-molecular-weight substrates, microbial methanogenic pathways 
could be classified into three types: hydrogenotrophic methanogenesis from carbonate 
reduction with hydrogen, acetoclastic methanogenesis from acetate disproportionation, 
and methylotrophic methanogenesis from methylated compounds including methanol, 
methylamines and methylsulfides (Fig. 1.3; Table 1.2). Furthermore, as 
sulfate-reducing bacteria could thermodynamically outcompete with methanogens for 
H2/CO2 and acetate, these two substrates are acknowledged as competitive substrates. 
The methylated compounds, which are generally not used by sulfate reducers, are 
termed as non-competitive substrates for methanogens (Oremland and Polcin, 1982).  
 
Table 1.2 Methanogenic pathways and standard Gibbs free energies for methanogenic reactions. 
Reaction ΔGo (kJ mol-1 reaction)a 
I Hydrogenotrophic methanogenesis  
4H2, aq + HCO3- + H+ → CH4, aq + 3H2O -229 
II Acetoclastic methanogenesis  
CH3COO- + H2O → CH4, aq + HCO3- -15 
III Methylotrophic methanogenesis  
4CH3OH → 3CH4, aq + HCO3- + H+ + H2O -223 
4CH3NH3+ + 3H2O → 3CH4, aq + HCO3- + 4NH4+ + H+ -136 
4(CH3)2NH2+ + 6H2O → 6CH4, aq + 2HCO3- + 4NH4+ + 2H+ -261 
4(CH3)3NH+ + 9H2O → 9CH4, aq + 3HCO3- + 4NH4+ + 3H+ -402 
2(CH3)2S + 3H2O → 3CH4, aq + HCO3- + 2H2S + H+ -46 
4CH3SH + 3H2O → 3CH4, aq + HCO3- + 4H2S + H+ -59 
aThe standard free energies were calculated from the free energy of formation of the most 
abundant ionic species at neutral pH (Rossini et al., 1952). 
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In addition to these key substrates, quaternary amines such as choline and 
glycine betaine as direct methanogenic substrates have been recently demonstrated in 
methanogen pure cultures (L'Haridon et al., 2014; Watkins et al., 2014; Watkins et al., 
2012). These compounds extend the substrates range for methanogenesis, while their 
role as methanogenic substrates in natural environments requires further validation.  
 
Fig. 1.3 The generation of low-molecular-weight substrates and methanogenic pathways in marine 
sediments (Modified from Konhauser, 2009).  
 
Despite that methane is the main metabolic product of methanogens, methane 
could also be produced anaerobically or aerobically from other microorganisms at 
minor quantities as a byproduct of metabolism (Whitman et al., 2006). For example, 
trace amount methane formation has been observed in proteolytic clostridia cultures 
growing on L-methionine (Rimbault et al., 1988). The archaeal species from 
Archaeoglobus could also emit methane in the cultures (Mori et al., 2008). More 
strikingly, phosphorus-starved marine microbes could decompose methylphosphonic 
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acid with concomitant release of methane, and this finding provides a plausible 
explanation for the methane paradox in the aerobic ocean (Karl et al., 2008; Metcalf et 
al., 2012).  
 
1.2.2.2 Thermogenic production of methane  
 
Escaping early diagenetic mineralization, refractory organic matter (kerogen) 
would be exported to the deep subsurface due to subduction or sedimentation driven 
subsidence. Methane and other hydrocarbons will be generated from the 
thermo-altered organic matter in the increasingly heated sediments with depth (Fig. 
1.4).  
 
Fig. 1.4 General scheme of hydrocarbon generation from sedimentary rock (Tissot and Welte, 
1984).  
 
Specifically, kerogen slowly releases gaseous and liquid hydrocarbons at depths 
where temperatures exceed 50 °C (Schoell, 1988; Tissot and Welte, 1984). 
Economical oils are formed at temperatures between 60 and 120 ºC during early 
catagenesis. Wet gas, a condensate consisting of methane, other lighter hydrocarbons 
and liquid hydrocarbons, is essentially produced during the stage of catagenesis. 
Towards the end of catagenesis the proportion of methane rises rapidly in the gaseous 
products, due to the presumed thermal cracking of previously evolved hydrocarbons. 
Chapter 1 
9 
With increasing temperature and kerogen maturity, metagenesis occurs at the last 
stage of thermal alteration of organic matter. During metagenesis, methane is the only 
hydrocarbon released, and the carbon-rich solid residues remain as inert kerogen. 
 
1.3 Low-molecular-weight methanogenic substrates in marine sediment  
1.3.1 Competitive substrates for methanogenesis 
1.3.1.1 H2/CO2 
 
Molecular hydrogen is a central metabolite in marine sediments. Hydrogen can 
be supplied through fermentation and thermal alteration of sedimentary organic matter 
(Hoehler et al., 1998; Seewald, 2003), abiotic production via serpentinization (Kelley 
et al., 2005), or radiolysis of water (D'Hondt et al., 2009). The metabolism of 
hydrogen could be coupled to various terminal processes such as sulfate reduction and 
methane production (Cord-Ruwisch et al., 1988). Generally, H2 concentration is 
thought to be mediated by microorganisms involving both production and 
consumption, and a threshold is maintained that allows H2 production and 
consumption thermodynamically feasible (Lin et al., 2012). As a consequence, the 
threshold concentrations of H2 increase with the decreasing redox potentials of 
hydrogenotrophic processes, e.g., nitrate reduction < iron and manganese reduction < 
sulfate reduction < methanogenesis < homoacetogenesis. Thus, hydrogenotrophic 
methanogens are not able to compete with sulfate-reducing bacteria for hydrogen in 
the presence of sulfate. Once the available dissolved sulfate is exhausted, 
hydrogenotrophic methanogenesis become more important process, usually at greater 
sediment depth. Due to the accumulated sizable bicarbonate pool, in most cases, 
hydrogenotrophic methanogenesis is the dominant methanogenic pathway in marine 
sediment (Whiticar, 1999).  
 




In addition to hydrogen, volatile fatty acids are another class of important 
intermediates during organic matter degradation. The water-soluble C2-compound 
acetate could be produced from organic matter fermentation or CO2 reduction via the 
acetyl-CoA pathway (acetogenesis) (Drake, 1994). Likewise, acetate serves as an 
important substrate for a variety of redox processes (e.g., Hedderich and Whitman, 
2006). Due to the rapid turnover, the concentrations of acetate are typically 
maintained at low levels (<10 μM) in surface sediments (Parkes et al., 2007; 
Wellsbury et al., 1997), while elevated abundance of 10 mM or higher can be reached 
in the deeply-buried sediments (Wellsbury et al., 1997). With the recently developed 
technique that allows online carbon isotopic determination of acetate (Heuer et al., 
2006), it is possible to infer the metabolic pathways that produce or consume acetate, 
and further link the inferred metabolic variation to geochemical zonation (e.g., Heuer 
et al., 2009). Similar to hydrogen, acetate is preferentially utilized by sulfate-reducing 
bacteria, and acetoclastic methanogenesis only occur in low sulfate environments. For 
example, acetate could contribute to 70% of the methane production in freshwater 
sediment (Conrad, 1999; Winfrey and Zeikus, 1977). In marine sediment, acetoclastic 
methanogenesis occur until sulfate is depleted, and the importance might depend on 
the organic matter lability and substrate availability (Crill and Martens, 1986). 
 
1.3.2 Non-competitive substrates for methanogenesis 
1.3.2.1 Methanol  
 
Volatile alcohols (e.g., methanol and ethanol) are also important metabolites in 
marine sediments. Under aerobic or anaerobic conditions, methanol could be 
produced from the decomposition of lignin or pectin (Donnelly and Dagley, 1980; 
Schink and Zeikus, 1980). Lignin is phenolic polymer and constitutes the natural 
composite material in vascular plants. The methoxylated monomers of lignin could 
release the methoxy group with the formation of methanol during degradation by 
bacteria or fungi. Pectin is a common constituent of plant and algal cells and is a 
polymer of α-(l,4)-galacturonic acid that is partially methoxylated at the carboxy 
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groups. Likewise, the methoxy group is released as methanol during anaerobic 
decomposition of pectin. Diverse pectinolytic strains of Clostridium, Erwinia, and 
Pseudomonas species produce methanol as a major end product during growth on 
pectin (Schink and Zeikus, 1982).  
 
1.3.2.2 Methylated amines 
 
Methylated amines, e.g., monomethylamine, dimethylamine and trimethylamine, 
are small organic nitrogen compounds and ubiquitous in the marine environment. The 
major source for the methylated amines, in particular trimethylamine (TMA), is from 
the degradation of a veriety of precursors including glycine betaine 
(N,N,N-trimethylglycine), choline (N,N,N-trimethylethanolamine) and 
trimethylamine N-oxide (TMAO). In marine organisms, quaternary amines such as 
glycine betaine and TMAO are accumulated by cells in response to salinity or water 
stresses. These compatible solutes maintain a higher intracellular osmotic potential 
than that of the extracellular environment thereby keeping the cellular turgor pressure 
constant by preventing water loss through osmosis under marine conditions (Yancey 
et al., 1982). 
Anaerobically, TMA could be produced from betaine with the involvement of 
fermentative bacterias such as Sporomusa, or sulfate reducer Desulfuromonas 
acetoxidans (Heijthuijsen and Hansen, 1989; Möller et al., 1984). In parallel, choline 
could be degraded to TMA by sulfate-reducing bacteria (Hayward and Stadtman, 
1959). In a coculture of Desulfovibrio strain G1 and Methanosarcina barkeri strain 
Fusaro (DSM 804), it was found that choline was degraded to TMA by sulfate reducer, 
and the produced TMA was subsequently used by methanogen to produce methane 
(Fiebig and Gottschalk, 1983). Recent studies have shown that betaine and choline 
could be used as direct methanogenic substrates in pure cultures of Methanococcoides 
strains, allowing methanogens to gain energy from these substrates without the need 
for syntrophic partners (Watkins et al., 2014; Watkins et al., 2012). Furthermore, 
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TMAO could also serve as the terminal electron acceptor in anaerobic respiration of 
bacteria with the reduction to TMA (Strøm et al., 1979).  
 
1.3.2.3 Methylated sulfides  
 
Dimethylsulfide (DMS) is the dominant volatile sulfur compound produced 
biogenically in the ocean (e.g., Charlson et al., 1987). In the seawater, DMS is mainly 
derived from dimethylsulfoniopropionate (DMSP), a tertiary sulfonium compound 
that acts as an osmolyte in a wide variety of marine phytoplankton (e.g., Keller et al., 
1989). The conversion of DMSP to DMS involves an elimination reaction which 
could be catalyzed either by OH- or through enzymatic cleavage (Eq. 1.7). Under 
natural conditions, DMS is dominantly produced through enzymatic cleavage of 
DMSP, and the alkaline catalysis reaction is very slow at the seawater pH of ~8. In the 
presence of strong base, DMSP could be decomposed to DMS following a 1:1 ratio, 
and the concentration of DMSP could be determined from the quantitative production 
of DMS after the treatment with alkali (Dacey and Blough, 1987).  
(CH3)2S+CH2CH2COO- → (CH3)2S + CH2=CHCOO- + H+             (1.7) 
DMSP could occur in the sediments because of the settling of algal detritus, 
production by benthic algae, and release by rooted plants. The degradation of DMSP 
in marine sediment involves a cleavage to acrylate and DMS, successive 
demethylations to 3-mercaptopropionate or demethiolation to methanethiol (Kiene 
and Taylor, 1988; van der Maarel and Hansen, 1997) (Fig. 1.5). Furthermore, the 
degradation of sulfur-containing amino acids, the methylation of methanethiol (Kiene 
and Capone, 1988; Kiene and Taylor, 1988), and the reduction of dimethylsulfoxide 
by sulfate-reducing bacteria (Jonkers et al., 1996) could contribute to the production 
of DMS in marine sediment (Fig. 1.5).  
In addition to transformation from organic sulfur compounds, methylated 
sulfides could be microbially derived through linking organic or inorganic carbon to 
hydrogen sulfide. For example, O-methyl groups (methyl groups bonding to an 
oxygen atom, e.g., methanol) can be transferred microbially to hydrogen sulfide to 
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form methanethiol, with additional methylation under certain circumstances yielding 
DMS (Finster et al., 1990; Lomans et al., 2002). Microbial conversion of inorganic 
carbon to DMS has also been observed in anoxic lake sediment (Lin et al., 2010). In a 
methanogen pure culture, DMS and methanethiol could be produced by 
Methanosarcina acetivorans when carbon monoxide served as the only electron donor 
(Moran et al., 2008). 
 
Fig.1.5 Microbial transformation of methylated sulfur compounds in marine sediments. 
 
In contrast to hydrogen and acetate, quite limited information is available on 
those methylated methanogenic substrates in marine sediment. A main reason for this 
gap is the lack of suitable analytical protocols to quantify these labile and relatively 
volatile trace compounds. The conventional procedures for volatile compounds, such 
as headspace analysis for hydrocarbon gases, could not suffice for successful 
determination of these methylated compounds. For example, the expected low 
concentrations, and complete water miscibility of methanol necessitates an efficient 
preconcentration step for detection with small volume pore waters. For methylamines, 
the basic nature and high polarity pose further difficulty for trace analysis due to 
strong adsorption on surfaces of common labware materials or column. Because of 
these analytical challenges, the concentrations of methanol, methylated amines or 
sulfides are barely reported and their biogeochemistry are largely unconstrained in 
marine sediment (Fitzsimons et al., 1997; Lee and Olson, 1984; Wang and Lee, 1990).  
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Despite the lack of knowledge on in situ concentrations of methylated substrates, 
there is a persistent interest in methylotrophic methanogenesis in marine sediment. 
Oremland et al. (1982b) firstly reported that methanol and TMA were important 
substrates for methane production in anoxic salt marsh sediments, and the production 
rate and the produced amount of methane were not affeced by the presence of sulfate 
(e.g., the addition of 20 mM sulfate). The hypothesis that methanogenesis and sulfate 
reduction could operate concurrently was further tesified in the estuarine sediment 
(Oremland and Polcin, 1982). In the presence of sulfate, methanogenesis was not 
inhibited in sediments amended with methanol, TMA, or methionine, but was retarded 
with hydrogen and acetate as substrates, and sulfate reduction was stimulated by 
acetate and hydrogen but not methanol and TMA. In the inertidal sediment of Lowes 
Cove, Maine, TMA could account for 35.1 to 61.1% of total methane production 
(King et al., 1983), although a large fraction of trimethylamine and methanol could be 
also catabolized via non-methanogenic process. At high concentrations (mM range), 
DMS and methanethiol are mainly converted to methane, and a significant fraction 
might be consumed by sulfate-reducing bacteria at low concentrations (μM range) 
(Kiene et al., 1986; Kiene and Visscher, 1987). In the deep carobonate sediment of the 
southern Australian continental margin, high concentrations of methane were 
observed in the sulfate redution zone, and the authors assumed that methanogenesis 
from the non-competitive substrates contributed to the coexistence of methane and 
sulfate (Mitterer, 2010; Mitterer et al., 2001). More intriguingly, methylotrophic 
methanogenesis has been proposed as the main methanogenic pathway in a variety of 
hypersaline sediments, e.g., Big Soda lake, Nevada (Oremland et al., 1982a), the 
Napoli mud volcano, Eastern Mediterranean Sea (Lazar et al., 2011), hypersaline 
ponds in Baja California Sur, Mexico, and northern California, USA (Kelley et al., 
2012). Accordingly, methylotrophic methanogens also have been detected or isolated 
with culture independent or dependent methods from various sedimentary 
environments (e.g., Lazar et al., 2012; Lazar et al., 2011; Oremland et al., 1989; Singh 
et al., 2005; Sowers and Ferry, 1983).  
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Though multiple lines of indications or evidences suggest the potential methane 
production from methylated compounds, the significance of methylotrophic 
methanogenesis is not fully understood in marine sediment. To better understand this 
poorly constrained methanogenic pathway, the main focus of this PhD thesis will be 
methylated compounds and their role as methanogenic substrates in marine sediment.  
 
1.4 Stable carbon isotope analysis of methane and precursors  
 
Most elements including carbon are mixtures of atoms with different masses as a 
result of a variable number of neutrons. The two stable isotopes of carbon, 12C and 
13C, occur naturally at a proportion of approximately 99:l. The stable isotopic 
composition of carbon is expressed as δ-notation [‰], defined with the following 
equation (1.8):  
δ13C = (Rsample/Rstandard – 1) × 1000 (‰)                           (1.8) 
where R is the ratio of 13C and 12C, and the sample is measured relative to reference 
standard (Vienna PeeDee Belemnite, VPDB). 
The information encoded in the stable carbon isotopic composition has 
enormously advanced our understanding of related biogeochemical processes in the 
past several decades (e.g., Hayes et al., 1990; Heuer et al., 2009). In particular for 
methane, the isotopic signatures have been used extensively to identify and quantify 
the methanogenic pathways (e.g., Conrad, 2005; Whiticar, 1999). Abiotic methane has 
a wide range of δ13C, either 13C enriched (e.g., > -20‰) or depleted (e.g., between -30‰ 
and -47‰) (Etiope and Sherwood Lollar, 2013). Thermogenic methane, roughly but 
not exclusively, ranges from -50‰ to -20‰. In contrast, the microbial formation of 
methane results in more negative δ13C values from -110‰ to -50‰, which is clearly 
distinguished from those with abiotic or thermogenic source. 
The isotopic signature of methane is controlled by the isotopes of precursors and 
the kinetic isotope effects during the metabolism of different compounds by 
methanogens. In principle, the substrate molecules with lighter isotopes (i.e., 12C), 
would diffuse and react more rapidly, thus these molecules are utilized more 
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frequently by microbes. This discrimination could lead to the strong depletion in 13C 
of microbial CH4 relative to the precursor substrates. As the fractionation varies with 
respect to substrates, the produced methane with different extents of depletion could 
be used as a proxy to distinguish the biological methanogenic pathways or estimate 
their relative contributions to total methane production (e.g., Kotsyurbenko et al., 
2004; Krüger et al., 2002). For example, methane derived from acetate might have 
δ13C values of -70‰ to -50‰, while hydrogenotrophic methanogenesis produces 
methane with δ13C values between -110‰ to -60‰ due to the larger fractionation 
factor (-49‰ to -95‰) (Whiticar et al., 1986).  
In contrast, due to the lack of information on the isotopes of methylated 
compounds, little is known about the magnitude of isotope fractionation and the stable 
isotopic composition of methane produced from methylotrophic methanogenesis. Few 
studies investigated the isotopic discrimination between methylated substrates and 
methane with methylotrophic methanogen enrichment or pure cultures (Table 1.3). 
From these studies, it could be inferred that methylotrophic methanogenesis was 
associated with significant isotopic fractionation, and the largest fractionation was 
from methanol induced methanogenesis (63‰ to 83‰), followed by TMA (37‰ to 
71‰) and DMS (44‰ to 54‰). Thus it could be expected that methane derived from 
methylated substrates should be relatively depleted in 13C.  
It should be noted that isotopic proxies could be obscured and influenced by 
other factors, such as methane oxidation, substrate limitation, or multiple sources of 
substrates. For example, Holler et al. (2009) demonstrated that anaerobic oxidation of 
methane could drive an enrichment of 12‰-39‰ for residual methane. With limited 
substrates, the kinetic isotope effect will significantly decrease, resulting in greater 
13C-enrichment of the metabolic product (e.g., methane) (Kelley et al., 2012; 
Yoshinaga et al., 2014). Furthermore, it is found that the stable isotope proxy model is 
not directly applicable for interpreting methanogenic pathways in a dynamic and 
complex environment with multiple methanogenic substrates, including both 




Table 1.3 Fractionation factor associated with methylotrophic methanogenesis. 
Substrate Fractionation factor (‰) 
(δ13Csubstrate-δ13Cmethane) 
Culture Referencesa 
Methanol 72-77 Methanol-grown 
methanogen enrichment 
1 
 73-75 Methanosarcina barkeri 2 
 63 Methylotrophic coccoid 
methanogen (strain GS-16) 
3 
 83 Methanosarcina barkeri 4 
 68-77 -- 5 
TMA 37 Methylotrophic coccoid 
methanogen (strain GS-16) 
3 
 50.2 Methanosarcina barkeri 6 
 71 Methanococcoides burtonii 6 
 39 -- 5 
 67 Methanosarcina barkeri 4 
DMS 44 Methylotrophic coccoid 
methanogen (strain GS-16) 
3 
 44-54 -- 5 
aReferences: 1. Oremland et al., 1982a; 2. Krzycki et al., 1987; 3. Oremland et al., 1989; 4. Londry 
et al., 2008; 5. Whiticar, 1999; 6. Summons et al., 1998. 
 
1.5 Methane oxidation in marine environment  
 
In the atmosphere, methane could be naturally oxidized through photochemical 
radical reactions. The hydroxyl radicals, derived from the UV degradation of ozone, 
could attack methane to form methyl radicals (Levy, 1971), and the methyl radicals 
would be ultimately oxidized to formaldehyde (Grosjean, 1995). Before escaping to 
the atmosphere, most of the biogenic methane are consumed aerobically or 
anaerobically. For example, aerobic methanotrophy (Eq. 1.9) is the major sink of 
methane in terrestrial habitats (Reeburgh, 2007).  
CH4 + 2O2 → CO2 + 2H2O                           (1.9) 
In contrast, anaerobic oxidation of methane (AOM) could account for 80-85% of 
marine methane oxidation (Hinrichs and Boetius, 2003). In marine sediment, the 
process of AOM is usually coupled with sulfate reduction (Eq. 1.10), and mediated by 
a syntrophic consortium of methanogen and sulfate-reducing bacteria.  
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CH4 + SO42- → HCO3- + HS- + H2O                       (1.10) 
Thus, AOM largely occurs where methane and sulfate overlap, a typical zonation 
defined as sulfate methane transition zone (SMTZ). At SMTZ, methane is completed 
consumed and the upwards methane flux are significantly regulated. Depending on 
the burial rate of reactive organic matter, the depth of the methanogenic zone, and the 
transport velocity of methane and sulfate and their consumption rates, SMTZs are 
found at decimeters to tens of meters below the seafloor (Knittel and Boetius, 2009). 
The highest AOM rates are generally observed in the SMTZ, which covers a wide 
range from a few pmol cm-3 day-1 in subsurface of deep margins, to several tens nmol 
cm-3 day-1 in surface coastal sediments (Knittel and Boetius, 2009).  
 
1.6 Methanogenic and methanotrophic archaea 
1.6.1 Methanogens 
 
Life on Earth is grouped into three Domains, Archaea, Bacteria and Eukarya 
(Woese et al., 1990). Methanogens are strictly anaerobic Archaea belonging to the 
phylum of Euryarchaeota and produce methane as the major end product of 
metabolism. Despite the limited substrates range, methanogens are phylogenetically 
diverse. Based on 16S rRNA gene analysis, methanogens are classified into seven 
orders: Methanopyrales, Methanococcales, Methanobacteriales, Methanomicrobiales, 
Methanosarcinales, Methanocellales (Sakai et al., 2008), and Methanoplasmatales 
(Paul et al., 2012). Species from orders Methanopyrales, Methanococcales, 
Methanobacteriales, Methanomicrobiales, Methanocellales are generally 
hydrogenotrophic methanogens that utilize H2/CO2 to produce methane, some of 
which could also use formate and secondary alcohols as methanogenic substrates 
(Garcia et al., 2000). Members of the order Methanosarcinales are the most 
metabolically versatile methanogens, as they can metabolize both competitive and 
non-competitive substrates (e.g., H2/CO2, acetate, methanol, methylamines). All the 
obligatory methylotrophic methanogens that utilize methylated compounds without 
hydrogen (e.g., Methanococcoides, Methanohalophilus) are found in this order. 
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Members of the genus Methanosaeta in this order are the only methanogens that 
exclusively utilize acetate for methanogenesis. As the recently proposed seventh order 
of methanogen, Methanoplasmatales are mostly retrieved from intestinal samples 
(e.g., termite and cockroach guts) (Paul et al., 2012), and both the pure culture 
Methanomassiliicoccus luminyensis and the enrichment cultures from this order 
produce methane through obligate hydrogen dependence of methanol reduction (Dridi 
et al., 2012). 
Through the metabolism of substrates, methanogens perform methanogenic 
reactions with the involvement of a complex series of enzymes. However, despite the 
different carbon substrates used for methanogenesis, all methanogens share the 
common final step in which the methyl-coenzyme M reductase (MCR) catalyzes the 
reduction of the methyl group into methane through the reaction between the methyl 
coenzyme M and the coenzyme B (Ferry, 1992). As a result, the mcrA gene encoding 
the MCR is specific and useful functional gene marker targeting methanogens in the 
environment.  
 
1.6.2 Anaerobic methanotrophic archaea (ANME) 
 
In marine sediment, three distinct clusters of Euryarchaeota, namely ANME-1, 
ANME-2, and ANME-3 (anaerobic oxidation of methane) could mediate the process 
of AOM (Knittel and Boetius, 2009). ANME-1 are distantly related to the orders 
Methanosarcinales and Methanomicrobiales, and could occur as single cells or 
monospecific aggregates in association with sulfate-reducing bacteria of the 
Desulfosarcina/Desulfococcus group form the Deltaproteobacteria (Knittel et al., 
2005; Michaelis et al., 2002). It has been found that ANME-1 dominated the 
diffusion-driven SMTZs and microbial mats of the Black Sea (Knittel et al., 2005; 
Michaelis et al., 2002; Niemann et al., 2005). Both ANME-2 and ANME-3 belong to 
the order Methanosarcinales, while ANME-3 are more closely related to genera of 
Methanococcoides and Methanolobus. The consortium of ANME-2 and associated 
Desulfosarcina/Desulfococcus are largely detected in various cold seep ecosystems 
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(Knittel et al., 2005; Orcutt et al., 2005; Orphan et al., 2002). ANME-3 are typically 
found in aggregates with Desulfobulbus-related bacteria as a sulfate-reducing partner 
(Lösekann et al., 2007).  
The close phylogenetic relationship between methanotrophic and methanogenic 
archaea and the biogeochemical link between both processes in the carbon cycle 
might suggest a coevolution of their biochemistry (Knittel and Boetius, 2009). In the 
current reverse methanogenesis hypothesis, the initial step in methane oxidation is 
essentially a reversal of methyl-coenzyme M reduction catalyzed by MCR in 
methanogenesis. First evidence for the presence of MCR in sediments from AOM 
zones or enrichment cultures comes from the identification of novel mcrA genes that 
could be assigned to ANME-1 and ANME-2 (Hallam et al., 2003). Further surveys of 
metagenomic libraries revealed the presence of nearly all genes typically associated 
with methanogenesis in ANME-1, and to a lesser extent in ANME-2 cells (Hallam et 
al., 2004). Consequently, the highly conserved mcrA genes could also be used as the 
key gene markers for ANMEs. Furthermore, recent studies also demonstrated that 
ANME could function as normal methanogen for net production of methane (Bertram 
et al., 2013; Lloyd et al., 2011). 
 
1.6.3 Lipid biomarkers  
 
Specific lipid biomarkers and the stable carbon isotope signatures have been 
widely used for the identification of methanogenic and methanotrophic communities 
in natural environments (Hinrichs et al., 1999; Pancost et al., 2000). Due to the close 
phylogenetic and biochemical relationships between the two groups, methanogen and 
ANMEs have similar lipids biomarkers. Specifically, these biomarkers include the 
isoprenoidal glycerol diethers isoprenoidal glycerol ethers archaeol 
(2,3-di-O-phytanyl-sn-glycerol), sn2-hydroxyarchaeol (2-O-(3'-hydroxy-3',7', 
11',15'-tetramethyl)hexadecyl-3-O-phytanyl-sn-glycerol), the branched hydrocarbon 
2,6,10,15,19-pentamethylicosane (PMI) and crocetane (Koga and Morii, 2005; Rossel 
et al., 2008; Schouten et al., 1997). Despite the similarity of lipids biomarker structure, 
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the stable isotopes of lipid could be used as a diagnostic tool to distinguish 
methanogens and methanotrophs. For example, lipid biomarkers of autotrophic 
methanogens have intermediately depleted carbon compositions (-30 to -60‰), while 
ANME lipids are characterized with highly depleted carbon isotope compositions, e.g., 
-60‰ and -130‰ (Hinrichs et al., 1999; Hinrichs et al., 2000; Pancost et al., 2000). 
However, Londry et al. (2008) reported a large fractionation by -50‰ between 
methylated substrate (e.g., TMA, methanol) and lipids, suggesting methanogens could 
produce more 13C-depleted lipids than commonly realized. 
 
1.7 Objectives and structures of the thesis   
 
To summarize, microbial production of methane is an important terminal process 
during organic matter degradation, as well as an essential link in marine carbon cycle. 
Methylotrophic methanogenesis is the least understood methanogenic pathway, and 
the role of methylated compounds as methanogenic substrates remains largely 
unconstrained. Therefore, the objective of this PhD thesis is to constrain potential 
methylated substrates and methylotrophic methanogenic activities, and estimate the 
relative importance of methylotrophic methanogenesis for methane production in 
marine sediments. The major questions need to be addressed are: 
1) What are the concentrations of methylated compounds in marine 
sediments?  
Due to the analytical challenge, the in situ concentrations of methylated 
compounds are poorly constrained in marine sediment. New sensitive analytical 
methods will be helpful to determine the concentrations of volatile methylated 
compounds (e.g., volatile alcohols, TMA and DMS) in marine pore water and 
sediments.  




So far little is known about the biogeochemistry of methylated compounds in 
marine sediment. The knowledge on the abundance and distribution would improve 
our understanding on their biogeochemical importance in marine sediments.  
3) What is the dominant methanogenic pathway in deep-sea hypersaline 
sediment? 
Based on in vitro studies, methane is believed to be produced from 
non-competitive compounds in hypersaline environment, while the evidence is not 
straightforward for this hypothesis. Further comprehensive investigations could 
provide more convincing evidence to decipher the source of methane in the deep-sea 
hypersaline sediments.  
4) What is the relative importance of different methanogenic pathways in 
marine sediments? 
Currently, our understanding of methane production is largely limited to 
hydrogenotrophic and acetoclastic methanogenesis, and scarce in vitro studies on 
methylotrophic methanogenesis are mostly from the salt marsh or hypersaline 
sediments. The comprehensive investigation on methanogenic activities from both 
competitive and non-competitive substrates in typical marine sediments would 
provide new insights into the quantitative importance of different methanogenic 
pathways.  
5) What are the potential factors that could influence the methanogenic 
pathways in marine sediments? 
The relative importance of different methanogenic pathways might differ from 
condition to condition, and methanogenic activities measured at geochemically 
distinct sediments or zonations (e.g., SMTZ), could help to better understand the 
influence of environmental factors on methane production from different pathways.  
In this thesis, Chapter 2 reports three different pretreatment methods for trace 
analysis of volatile alcohols in sedimentary pore waters. With these methods, 
methanol and ethanol are measured in the pore waters for the first time. Chapter 3 
describes the distribution and isotopic composition of TMA and DMS in marine 
sediment with the new developed analytical protocols, and quantitatively estimates 
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the contribution of DMS for methane production with isotope mass balance 
calculations. Chapter 4 presents an integrated study combining biogeochemical 
analyses, experimental incubation with stable isotope tracers and radiotracers, and 
gene and lipid biomarkers, to constrain the dominant methanogenic pathway in 
deep-sea hypersaline sediment. Chapter 5 reports the distribution of methanogenic 
substrates, methanogenic activity and diversity in the Mediterranean Sea sediments, 
and further explores the relative importance of different methanogenic pathways and 
potential influence factors on methane production. Finally, all the major observations 
are briefly reiterated in Chapter 6, together with future perspectives. 
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2.1 Abstract  
 
Low-molecular-weight (LMW) alcohols are produced during the microbial 
degradation of organic matter from precursors such as lignin, pectin, and 
carbohydrates. The biogeochemical behavior of these alcohols in marine sediment is 
poorly constrained but potentially central to carbon cycling. Little is known about 
LMW alcohols in sediment pore waters because of their low concentrations and high 
water miscibility, both of which pose substantial analytical challenges. In this study, 
three alternative methods were adapted for the analysis of trace amounts of methanol 
and ethanol in small volumes of saline pore waters: direct aqueous injection (DAI), 
solid-phase microextraction (SPME), and purge and trap (P&T) in combination with 
gas chromatography (GC) coupled to either a flame ionization detector (FID) or a 
mass spectrometer (MS). Key modifications included the desalination of samples 
prior to DAI, and the use of a threaded midget bubbler to purge small-volume samples 
under heated conditions and the addition of salt during P&T. All three methods were 
validated for LMW alcohol analysis, and the lowest detection limit (60 nM and 40 nM 
for methanol and ethanol, respectively) was achieved with the P&T technique. With 
these methods, ambient concentrations of volatile alcohols were determined for the 
first time in marine sediment pore waters of the Black Sea and the Gulf of Mexico. A 
strong correlation between the two compounds was observed and tentatively 




Volatile alcohols such as methanol and ethanol are metabolic intermediates 
generated during the microbial degradation of organic matter under both oxic and 
anoxic conditions. Methanol production from pectin and lignin by aerobic and 
anaerobic microorganisms has been experimentally demonstrated (Donnelly and 
Dagley, 1980; Schink and Zeikus, 1980) or proposed (Bache and Pfennig, 1981). 
Ethanol is a well-known fermentation product and is mainly generated from 
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carbohydrates under anoxic conditions (Eichler and Schink, 1984). Degradation of 
methanol and ethanol can be coupled to various terminal electron-accepting processes 
including aerobic respiration (Kolb, 2009), nitrate reduction (Payne, 1973), iron 
reduction (Daniel et al., 1999), sulfate reduction (Rabus et al., 2006), and 
methanogenesis (King et al., 1983; Summons et al., 1998; Yoshioka et al., 2009). 
Among all the microbial processes that involve volatile alcohols, methylotrophic 
methanogenesis has been the focus of most biogeochemical studies. Methylotrophic 
methanogenesis is a microbial reaction in which low-molecular-weight (LMW) 
methylated substrates, including methanol, are converted to methane. The 
methanogens who use these “non-competitive” substrates can coexist with 
sulfate-reducing bacteria (Kiene et al., 1986; Oremland et al., 1982), whereas those 
utilizing hydrogen and acetate, the other two major substrates for methane production, 
are usually out-competed by sulfate reducers. In other words, methylotrophic 
substrates allow methanogens to produce methane in anoxic, sulfate-bearing estuaries 
(King et al., 1983; Oremland and Polcin, 1982) and deep-sea sediment (Mitterer, 2010; 
Yoshioka et al., 2009). Hence, the biogeochemistry of C-1 and C-2 alcohols is 
important for our understanding of carbon cycling in marine sediment and other 
environments rich in lignocellulosic materials, such as soil and lignite coal. 
To date, a quantitative assessment of the role of volatile alcohols in the 
biodegradation of organic matter and methylotrophic methanogenesis has been 
difficult because their in-situ concentrations in soils and sediments have rarely been 
reported. This gap reflects the lack of a routine sampling protocol and the analytical 
difficulty associated with the low concentration of volatile alcohols. Several recent 
studies that employed proton transfer reaction mass spectrometry coupled to different 
pretreatment techniques successfully quantified methanol and ethanol in seawater 
(Beale et al., 2011; Kameyama et al., 2010; Williams et al., 2004). Nevertheless, the 
requirements of large sample volumes (several liters) has hampered the application of 
these techniques to the interstitial waters of soils and sediments, for which typically 
only a few milliliters of sample are available.  
The goal of this study is to validate and optimize three different pretreatment 
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techniques for the quantification of methanol and ethanol in marine sediment pore 
waters. Direct aqueous injection (DAI) and solid-phase microextraction (SPME) 
coupled with gas chromatography (GC) have previously been used for methanol and 
ethanol analysis in petroleum-contaminated water or body fluids (Gurka et al., 1992; 
Hong et al., 1999; Lee et al., 1999; Lee et al., 1998; Potter, 1996), but their 
applications to pore waters have not yet been evaluated. Furthermore, we constructed 
a purge and trap (P&T) system for the quantification of both methanol and ethanol in 
small-volume fluid samples. We compared the strengths and weaknesses of the 
different methods, and implemented these methods to the analysis of sediment 
pore-waters samples recovered in the Black Sea and Gulf of Mexico. 
 
2.3 Materials and Methods 
2.3.1 Chemicals 
 
Methanol (hypergrade for liquid chromatography-mass spectrometry) and 
ethanol (high-performance liquid chromatography gradient grade) standards were 
purchased from Merck (Darmstadt, Germany) and Carl Roth GmbH (Karlsruhe, 
Germany), respectively. Artificial seawater was prepared from NaCl, KCl, NaHCO3, 
MgCl2·6H2O (Sigma-Aldrich Chemie GmbH, Steinheim, Germany), KBr and 
CaCl2·2H2O (Merck, Darmstadt, Germany) according to the recipe of (Kester et al., 
1967).  
 
2.3.2 Sampling and geochemical analysis 
 
Sediment and pore-water samples were collected by a gravity corer from Station 
22 (36° 29.5'E, 42° 13.5'N; ~840 m water depth) in the southeastern Black Sea (RV 
Meteor cruise M72/5, May-June 2007) and by a multicorer from Station 13 (90° 
17.3'W, 27° 7.4'N, 2068 m water depth) in the Gulf of Mexico (RV Atlantis cruise 
AT18-2, November 2010). The cores were stored at 4 to 8 °C and processed within 24 
hours after retrieval. Decompression during core retrieval might lead to modification 
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of the pore water chemistry, but an evaluation of this effect on the LMW alcohol 
concentration is beyond the scope of the present study. Sampling protocols differed 
slightly due to equipment limitations of the two cruises. At Station 22, pore-water 
samples were extracted from the intact sediment core (ø = 9 cm) via Rhizon suction 
samplers (0.1 µm porous polymer, Rhizosphere Research, Wageningen, the 
Netherlands; Seeberg-Elverfeldt et al., 2005), which had been rinsed with at least 30 
mL of dilute hydrochloric acid (pH = 1-2) followed by a 30 mL rinse with Milli-Q 
water. At Station 13, pore-water samples were extracted from 2.5 - 5 cm thick slices 
of sediment by centrifugation at 5000 rpm for 20 min. Centrifugation may cause cell 
lysis due to decompression or other factors, whereas the use of Rhizons minimizes the 
artifacts and disturbance during sampling (Seeberg-Elverfeldt et al., 2005). Because 
shipboard analysis of LMW alcohols was not possible during the two expeditions, the 
pore-water samples were stored at -20 °C. As the effect of preservation by freezing 
samples for volatile alcohols analysis could not be quantitatively assessed, we cannot 
entirely rule out the possibility of sample alteration during storage. For methane 
analysis, 3-5 mL of sediment were collected with cut-off plastic syringes, and mixed 
with either 10 mL of 2.5% NaOH in 20 mL glass serum vials (Station 22) or with 2 
mL of 1 M NaOH in a 30 mL glass serum vials (Station 13) that were closed with a 
butyl septum and crimp cap. For Station 22, details of sediment sampling and gas 
analysis have been described elsewhere (Riedinger et al., 2010). At Station 13, 
methane was analyzed by GC-FID (SRI 8610C GC, SRI Instruments, USA) and pore 
water sulfate was measured using zinc acetate-fixed samples with a Metrohm 883 IC 
Basic Plus ion chromatograph equipped with an external CO2 suppressor. 
 
2.3.3 DAI-GC-MS operating conditions 
 
Direct aqueous injection was performed on a Trace GC 2000 (Thermo Finnigan, 
Milan, Italy) coupled to a DSQ II MS (Thermo Finnigan, Texas, USA) after the 
standards and pore-water samples had been desalted to reduce column maintenance 
(Potter, 1996). Desalting was achieved with Dionex OnGuard II Ag and H cartridges 
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(Thermo Fisher GmbH, Idstein, Germany). The cartridges were flushed with 10 mL 
of deionized water to remove trace contaminants and to condition the resin, before 3 
mL of sample solution, carried in a glass syringe, were pushed through the cartridges 
at a flow rate of approximately 2 mL/min. The initial 2 mL effluent was discarded, 
and the remainder was collected in a glass vial for later analysis. To assess the 
desalting procedure, salinity of the effluent was measured with a refractometer 
(ATAGO CO., LTD, Tokyo, Japan), the accuracy and reproducibility of which were 1‰ 
and 0.5‰, respectively. The optimized GC conditions were: programmable 
temperature vaporization (PTV) injection mode; a split ratio of 1:10; injection 
temperature of 250 °C; injection volume of 1 µL; helium carrier gas at 3 mL/min; 
oven temperature at 60 °C for 3 min, ramped to 240 °C at 40 °C/min, and held at 
240 °C for 5 min. We used an OPTIMA® WAXplus column (30 m × 0.25 mm I.D., 
0.25 µm film thickness; Macherey-Nagel GmbH, Düren, Germany), which has a polar 
stationary phase of polyethylene glycol and is suitable for aqueous injection. No 
guard column was used. The MS was operated in selected ion monitoring (SIM) mode 
with the ion fragment of 31 (m/z) selected for both alcohols. Other MS parameters 
were: ionization voltage of 70 eV; ion source at 200 °C; transfer line temperature of 
250 °C. 
 
2.3.4 Headspace SPME-GC-FID operating conditions 
 
Carboxen-polydimethylsiloxane (CAR/PDMS) fibers (75 μm, Supelco, 
Bellefonte, USA) recommended for methanol analysis (Lee et al., 1999) were used to 
extract the alcohols. A blank injection was performed to clean and condition the fiber 
before sample analysis. One milliliter of standard or sample was transferred to a 4-mL 
vial that contained ~0.5 g Na2SO4 (Carl Roth GmbH, Karlsruhe, Germany). The vial 
was immediately sealed with a polytetrafluoroethylene (PTFE) septum and 
crimp-capped. To extract the analytes, the fiber was exposed for 20 min to the 
headspace of the sample container while the solution was magnetically stirred (500 
rpm) at 30 °C. After extraction, the analytes were thermally desorbed for 2 min in a 
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split/splitless injector (250 °C) equipped with a deactivated SPME liner (Supelco). 
Analysis was performed using a Hewlett-Packard GC 5890 series II (Hewlett-Packard 
GmbH, Waldbronn, Germany) equipped with an FID and an Alltech Heliflex® AT-Q 
capillary column (30 m × 0.32 mm I.D.; Alltech Associates, Inc., Deerfield, US) that 
held a porous divinylbenzene polymer stationary phase. The GC-FID conditions were: 
splitless injection and the split/splitless purge valve opened for 2 min after injection; 
helium carrier gas at 3 mL/min; oven temperature of 120 °C upon injection, raised to 
240 °C at 20 °C/min, and held at that temperature for 2 min. All optimization tests 
were carried out using a mixed standard containing 580 µM of methanol and 430 µM 
of ethanol in Milli-Q water. 
 
2.3.5 P&T-GC-FID operating conditions 
 
A cryogenic P&T system, modified from (Andreae and Barnard, 1983), was used 
for the alcohol preconcentration (Fig. 2.1). Our modifications include the following: 
(1) We employed a 20-mL glass vial fitted with a threaded midget bubbler (Supelco) 
instead of a bubbling chamber as our sparging chamber. (2) Rather than trapping and 
separating on the same chromatography column, the alcohols were first trapped 
cryogenically in a PTFE tube and then released upon heating into the GC capillary 
column for separation and detection. (3) All tubing and connectors in the system were 
made of PTFE or perfluoroalkoxy because stainless steel and brass were found to 
significantly reduce the methanol signal. A helium carrier stream, which was 
controlled and monitored with a toggle valve (Swagelok, Hamburg, Germany) and 
gas flow controller (Valco Instruments Co. Inc., Houston, US), passed through a 
pressure gauge (Supelco) and the threaded midget bubbler to purge the solution in the 
20-mL vial that was heated in a water bath to 85 °C. To introduce the sample, the 
sample vial was disconnected and 6 mL of standard or sample were injected into the 
vial to fully immerse the glass frit of the bubbler. After addition of Na2SO4 to the 
saturation level (~2.5 g), the vial was immediately connected to the system for 
purging. A Pyrex glass tube (12 cm long and 10 mm O.D.) filled with K2CO3 
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(Sigma-Aldrich Chemie GmbH, Steinheim, Germany) to two-thirds of the total 
volume was used to remove moisture from the carrier gas stream which then entered 
the cold trap via a six-port Sulfinert™ valve (Restek GmbH, Bad Homburg, 
Germany). A PTFE tube (50 cm long, 1/8 inch O.D.) was used for the cold trap and 
looped twice to form 5-cm diameter coils. The coils were placed 10 cm below the 
connections to the six-port valve and submerged in liquid nitrogen during purging. 
After 30 min of purging and trapping, the trap was transferred into a heating sleeve 
and heated for 3 min at 200 °C to vaporize the analytes. The heating sleeve was made 
of silicon heating tape (MiL Heating Systems GmbH, Ubstadt-Weiher, Germany) that 
was wrapped to form a bag covered with aluminum foil, and connected to an 
electronic temperature regulator through a sensor (MiL Heating Systems GmbH). The 
analytes were then introduced into the GC by switching the six-port valve.  
 
 
Fig. 2.1 Purge and trap GC-FID system used for pore water alcohol analysis. 
 
Analysis was performed using a Hewlett-Packard GC 5890 series II equipped 
with an FID and Alltech Heliflex® AT-Q capillary column. The oven temperature was 
programmed to rise from 40 °C to 240 °C at 20 °C/min and then maintained constant 
for 6 min to fully eliminate water in the column. Other GC parameters were the same 
as those described for the SPME method. Concentrations of methanol and ethanol 




2.3.6 Standards, contamination tests, and procedural blank 
 
DAI standards were prepared in artificial seawater to evaluate the efficiency of 
desalting cartridges and SPME standards were prepared with Milli-Q water. Tap 
water was used for the most sensitive P&T method since tap water consistently 
yielded the lowest level of LMW alcohols compared to our laboratory supply of 
deionized or Milli-Q water. The use of tap water to prepare standard solutions has 
also been reported in previous studies of volatile compounds (e.g., Zwank et al., 2003). 
Milli-Q or tap water rather than artificial seawater was used for SPME and P&T 
standards, as final standard and sample analyses of these two methods required extra 
salt addition and the preparation of artificial seawater could increase the risk of 
contamination. Furthermore, storage of pore-water samples was avoided in the 
vicinity of possible contamination sources, and analyses were conducted in an 
alcohol-free lab, as confirmed by the absence of alcohols in blank samples that were 
exposed to ambient lab air for up to two weeks. Procedural blank tests confirmed that 
new Rhizons did not contribute detectable contaminants when they had been carefully 
rinsed with diluted acid and Milli-Q water. Nevertheless, repeated use of the Rhizons 
increased the risk of contamination and we found evidence for contamination (e.g., ~2 
nmol of both alcohols were detected in 6-ml rinsates, P < 0.01) in test Rhizons. Hence, 
we recommend that Rhizons be rinsed thoroughly with diluted acid and Milli-Q water 
before use, and the final fraction of the eluting Milli-Q be collected as procedural 
control from a representative set of Rhizons, analyzed and treated as a blank in the 
evaluation of methanol and ethanol concentrations in pore-water samples.  
 
2.3.7 Statistical analyses 
 
The significance of differences in blanks in SPME and P&T optimization 
conditions was tested using one-way analysis of variance (one-way ANOVA) with a 




2.4 Results and discussion 
2.4.1 Optimization of direct aqueous injection, solid phase microextraction, and purge 
and trap analysis 
2.4.1.1Direct aqueous injection (DAI) 
 
Whereas DAI does not involve a pre-concentration step and is therefore the 
simplest of the three investigated techniques, the typically small injection volumes 
permitted by GC limits the sensitivity of DAI. Multiple tests carried out in this study 
showed that the performance and applicability of DAI for LMW alcohols analysis in 
pore waters depend on optimization of (1) salt removal, (2) injection conditions, and 
(3) choice of column and detector. 
Since salt can cause deterioration of the column, pore-water samples must be 
desalinated before GC analysis. In this study, we employed Dionex OnGuard II Ag 
and H cartridges to desalt the standard and sample solution. These cartridges have 
been used to remove chloride ions for the ion chromatographic analysis of acetate 
(Lang et al., 2010), but have not been used in combination with DAI-GC. 
Refractometric analysis of the cartridge eluates showed complete removal of salts 
from artificial seawater. DAI-GC analysis confirmed the absence of methanol or 
ethanol bleeding from the cartridge and a high recovery (> 90%; Fig. 2.2) of both 
alcohols from desalted standards.  
To determine optimal conditions, the PTV and split/splitless injector were 
systematically compared. Use of the PTV injector with split ratio of 1:10 resulted in 
superior peak shape and reproducibility compared to the split/splitless injector. The 
injection volume was limited to 1 μL, as larger volumes caused backflush and 





Fig. 2.2 Five-point calibration curves for (a) methanol and (b) ethanol performed with spiked 
Milli-Q water and cartridge-treated artificial seawater with DAI-GC-MS. Difference in slopes can 
be explained by slight losses during cartridge treatment. 
 
The OPTIMA® WAXplus column has a polar stationary phase of polyethylene 
glycol that is suitable for aqueous injection and gave sharp sequential peaks of 
methanol and ethanol, followed by water. Both DAI-GC-FID and DAI-GC-MS 
methods were tested for detection, but the former was later only used a few times to 
measure standards in order to determine extraction efficiencies of other methods (cf. 
Table 2.1). DAI-GC-FID was less favored for routine analysis because of frequent 
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flame extinction by the injected water, a problem acknowledged earlier for 
DAI-GC-FID (Potter, 1996). With the SIM mode of GC-MS, both alcohols were 
detected as well-resolved peaks atop a flat baseline, facilitating peak integration and 
quantification. After elution of ethanol, the MS data acquisition was terminated to 
minimize the amount of water entering the ionization chamber. 
 
2.4.1.2 Solid phase microextraction (SPME) 
 
SPME can be conducted by either immersing the fibers into the solution or 
exposing the fibers to the headspace of the sample vial. The latter approach, the 
headspace SPME, has the additional advantage of being less sensitive to matrix 
interferences (Cassada et al., 2000). After initial tests provided evidence that 
headspace SPME with salting-out agents yielded a higher recovery of methanol and 
ethanol standards than direct immersion (Fig. 2.3a), we further investigated several 
parameters that could affect the extraction efficiency of headspace SPME, including 
(1) type and dosage of salting-out agent (Fig. 2.3a), (2) extraction temperature (Fig. 
2.3b), and (3) fiber exposure duration (Fig. 2.3c). Standards treated with saturated 
Na2SO4 (Fig. 2.3a, P < 0.001) at an extraction temperature of 30 °C (Fig. 2.3b, P < 
0.01) provided the largest signals for both alcohols. The methanol response did not 
improve after 10 min of extraction (Fig. 2.3c, P = 0.11), whereas acceptable 
equilibrium for ethanol was achieved after 20 min (Fig. 2.3c, P < 0.01). Thus, the 
final optimized headspace SPME conditions were set for a 30 °C extraction for 20 
min of Na2SO4-saturated sample. Our optimized operating conditions are very close to 
those reported for alcohol analysis in other non-salty sample matrices (Sales and de 
Lourdes Cardeal, 2003) and attest to the relative insensitivity of headspace SPME to 
matrix interferences. Further improvements of the extraction efficiency of methanol 
and ethanol by headspace SPME may require fundamental analytical developments, 




     
   
   
Fig. 2.3 Effect of (a) salt addition, (b) extraction temperature, and (c) exposure time on the relative 
signal intensities of methanol and ethanol measured by headspace SPME. The relative signal 
intensity (%) was defined as the peak area at optimization conditions relative to peak area at 
reference conditions (reference condition was considered as 100%, and denoted with * in each 
panel). Error bars represent the standard deviations from the replicate measurements. 
 
2.4.1.3 Purge and trap 
 
The main challenge of LMW alcohol analysis by P&T is the high water 
miscibility and polar nature of the analytes, both of which result in poor extraction 
efficiency. In previous studies of seawater (Beale et al., 2011), this problem was 
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sample volume was limited and the P&T system required fine tuning of operating 
conditions to maximize the extraction efficiency. We employed a 20-mL glass vial 
fitted with a threaded midget bubbler, which allows for mild heating of the solution in 
a water bath and the addition of salt during purging. Furthermore, we systematically 
assessed a series of purging conditions (purge time, purge flow, purge temperature 
and ionic strength) their impact on the extraction efficiency and evaluated dehydration 
protocols before the analytes entered the cold trap.  
Various purge parameters including purge time (10 to 35 min), purge flow (20 to 
150 mL/min), temperature of the water bath (ambient to 85 °C), and the use of 
salting-out agents (NaCl or Na2SO4) were assessed to improve the sensitivity. The 
extraction efficiency generally increased with longer purge time, higher purge flow, 
and higher water-bath temperature (Fig. 2.4a, P < 0.001 for methanol and P < 0.01 for 
ethanol; Fig. 2.4b, P < 0.001 for both alcohols; Fig. 2.4c, P < 0.001 for both alcohols). 
The ultimate purge conditions were set at 30 min with a flow rate of 120 mL/min at 
85 °C; purge conditions harsher than this were found to cause trap clogging. Addition 
of salting-out agents increased the extraction efficiency without contribution to trap 
clogging, but the use of saturated NaCl (36% w/w) blocked the bubbler and led to a 
reduced response (Fig. 2.4d, P < 0.01 for both alcohols). Therefore, Na2SO4 at 
saturation (40% w/w) was chosen as our salting-out condition. 
Since relatively harsh purge conditions vaporize a significant amount of water, 
the risk of trap clogging increases. An efficient water elimination unit with a low 
alcohol affinity is sorely needed for drying the purge gas before it enters the liquid 
nitrogen trap. We evaluated two dehydration options, one with a Pyrex glass tube 
filled with dehydration reagents and the other with an empty U-shaped glass tube 
immersed in a slush bath (-25 °C) prepared with a mixture of o-xylene and liquid 
nitrogen. Among all tested dehydration reagents, K2CO3 was favored over CaCl2, 
MgSO4, CaSO4 and molecular sieve (3 Å) because of the relatively high response and 
minimum risk of trap clogging under our purge condition. The K2CO3 drier also 
allowed for higher recoveries of 181% and 226% for methanol and ethanol, 
respectively, relative to the U-shaped cold-bath drier. Thus, the K2CO3 drier was 
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employed for subsequent analyses. Before each run, the whole system was flushed for 
3 min with pure purge gas to clean the transfer lines and avoid carryover. No 
carryover effect was observed when K2CO3 was replaced in the drier after the run of a 
concentrated sample. 
 
Fig. 2.4 Effect of (a) purge time, (b) purge flow, (c) purge temperature, and (d) salt addition on the 
response of methanol and ethanol pre-concentrated with P&T. The relative signal intensity (%) 
was defined as the peak area at optimization conditions relative to peak area at reference 
conditions (reference condition was considered as 100%, and denoted with * in each panel). Error 
bars represent the standard deviations from the replicate measurements. 
 
2.4.2 Validation and comparison of DAI-GC-MS, SPME-GC-FID and P&T-GC-FID 
 
Table 2.1 summarizes sample requirements, sample processing time, and the 
performance of three pretreatment techniques under the optimized conditions.  
Chapter 2 
48 
Table 2.1 Validation and comparison of different methods for methanol and ethanol analysis 
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7.9 ± 1.1 7.6 ± 1.2 50 
a Method detection limits (MDLs) were determined as 3.14 times the standard deviation of replicate measurements (n = 7) of standards spiked with low 
concentrations of analytes according to EPA. 
b Linearity of each method was performed within different concentration ranges (indicated in the bracket, n = 5). 
c Reproducibility was calculated from the relative standard deviation of repeated measurements of the same standard solution (n = 6) at different 
concentrations (indicated in the bracket). 
d The recovery for DAI was calculated from the ratios of GC response of cartridge-treated artificial seawater standards to that of spiked Milli-Q water. The 
extraction efficiency for SPME and P&T was calculated as the ratio of the peak area obtained by SPME or P&T to that of peak area obtained by direct 
injection of an equivalent mass of standards on the same detector (FID). Errors indicated the confidence intervals with a confidence level of 95%, n = 5. 
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The method detection limits (MDLs) for methanol and ethanol during 
implementation of the DAI-GC-MS method were 7.4 and 3.1 µM, respectively. 
SPME has a similar MDL for methanol (5.2 µM), but the MDL for ethanol was one 
order of magnitude lower (0.4 µM). The lowest MDLs for methanol (60 nM) and 
ethanol (40 nM) were achieved by the P&T procedure with a sample volume of 6 mL. 
Excellent linearity of the external calibration curves was achieved for all three 
methods (Fig. 2.2 and Table 2.1). The analytical reproducibility of these methods, 
assessed by repeatedly measuring the same standard solution (N = 6), were 5-8% for 
both alcohols. The recovery of DAI-GC-MS, calculated from the ratios of the GC 
response of cartridge-treated artificial seawater standards to that of spiked Milli-Q 
water, was 97 ± 8% and 91 ± 9% (P = 95%, n = 5) for methanol (23-450 μM) and 
ethanol (15-302 μM) standards when combined with the desalting procedure (Fig. 
2.2), or nearly quantitative recovery of both alcohols. Due to the high 
water-miscibility of alcohols, the absolute extraction efficiencies of SPME and P&T 
for methanol (SPME: 0.13 ± 0.01%, P&T: 7.9 ± 1.1%; P = 95%, n = 5) and ethanol 
(SPME: 4.0 ± 0.5%, P&T: 7.6 ± 1.2%; P = 95%, n = 5) were much lower than the 
recovery of DAI. In spite of the low extraction efficiencies, the good reproducibility 
and linear response ensured accurate quantification of the SPME and P&T methods. 
 DAI-GC-MS is a versatile method for alcohol analysis with short processing 
time, requiring simple equipment and straightforward sample pretreatment. Its nearly 
quantitative extraction efficiency makes it a potentially suitable method to be coupled 
with on-line stable carbon isotope analysis (δ13C). In recent decades, 
compound-specific δ13C analysis has advanced the understanding of critical 
biogeochemical processes, e.g., δ13C of methane has been applied extensively for the 
identification and quantification of methane sources and sinks (Whiticar et al., 1999). 
Likewise, the δ13C composition of volatile alcohols could provide further insights into 
their biogeochemical role in the environment. Nevertheless, the MDL of the 
DAI-GC-MS method is limited by the minute injection volume of 1 μL. Furthermore, 
frequent system maintenance for the DAI method is required because of troublesome 
effects (e.g., peak tailing, sensitivity, and reproducibility) due to water and buildup of 
Chapter 2 
50 
non-volatile constituents in the liner, analytical column, and MS ion source. Hence, 
DAI is a good option for fast monitoring of alcohols in systems with concentrations in 
the higher micromolar range, e.g., possibly in laboratory incubations of sediments and 
soils.  
SPME provides a solvent-free means to extract volatile compounds from 
aqueous solutions, which is particularly advantageous for samples with a complex 
matrix. Compared with the DAI-GC-MS approach, the SPME-GC-FID method fails 
to significantly improve the methanol MDL but does lower the MDL of ethanol by 
one order of magnitude. The absolute extraction efficiencies of SPME were the 
poorest among the three methods.  
With slightly larger sample volume requirements and longer processing time, the 
P&T procedure has the lowest MDLs, one to two orders of magnitude lower than 
those of the other two methods. As demonstrated below, the P&T procedure provides 
sufficient sensitivity for sediment pore-water samples. Therefore, P&T is 
recommended for accurate analysis of natural samples with trace levels of alcohols. 
Nevertheless, the low absolute extraction efficiencies of volatile alcohols for the P&T 
and SPME methods will disallow stable isotope analysis, as isotope fractionation may 
occur during extraction. All three techniques were validated for volatile alcohol 
analysis, and the method of choice depends on the expected concentration range in the 
samples and the available sample volume. 
 
2.4.3 Analysis of marine sediment pore-water samples  
 
The application of the optimized analytical methods for methanol and ethanol 
was assessed using sediment pore-water samples retrieved from the Black Sea and 
Gulf of Mexico. This is the first time that the concentrations of methanol and ethanol 
in deep-sea sediment have been determined quantitatively. Because sample volume 
limitations did not permit a parallel comparison of all three methods, we applied two 
of the validated methods in each sample set to evaluate their reliability. Black Sea 
samples were analyzed by DAI-GC-MS and P&T-GC-FID and samples from the Gulf 
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of Mexico by SPME-GC-FID and P&T-GC-FID (Fig. 2.5). We note that the 
extraction efficiency of alcohols and other potential analytes from sediment of the two 
stations might not be identical. This is not only because of the different pore-water 
extraction protocols applied, but also because of the different mineralogy, which, as 
has been observed for other LMW compounds (Ertefai et al., 2010; Ijiri et al., 2009; 
Lee and Olson, 1984), may affect the adsorption behaviors of both compounds on 
particles. 
In the Black Sea, P&T-GC-FID revealed relatively high alcohol concentrations 
in the shallowest sample at 51 cm below the seafloor (cmbsf) (methanol: 6 µM, 
ethanol: 3 µM) and at 507 cmbsf (methanol: 5 µM, ethanol: 5 µM), and low alcohol 
concentrations of <1 μM at all the other depths (Fig. 2.5). Analyses by DAI-GC-MS 
confirmed the presence of elevated concentrations of methanol (14-15 µM) and 
ethanol (6-7 µM) at 51 and 547 cmbsf with the measured values were slightly higher 
than those obtained by P&T-GC-FID. At all the other depths, the concentrations were 
below the MDL of the DAI method. Although the measured concentrations varied, the 
vertical distributions of both alcohols obtained by DAI and P&T were generally 
consistent, and the discrepancy might be attributed to the different pretreatments of 
the sample matrix and the bias of quantification with different detectors. 
 In the Gulf of Mexico, methanol was detectable by SPME-GC-FID with 
concentrations ranging from 11-78 µM except for a few depths (2.5, 7.5, and 22.5 
cmbsf) where the concentrations were below the MDL (Fig. 2.5). Ethanol was 
detected at all depths, varying from 3 to 62 μM. P&T-GC-FID analysis revealed a 
similar pattern for the downcore distribution. The lowest methanol concentration of 2 
μM was found at 5 cmbsf, and the maximum of 69 µM was at 32.5 cmbsf. Ethanol 
concentrations varied from 3 to 43 μM with a maximum also recorded at 32.5 cmbsf. 
The concentration values obtained with the P&T method were in excellent agreement 




Fig. 2.5 Depth profiles of methanol (a and d), ethanol (b and e), CH4 (c and f) and sulfate 
concentrations (f) in pore waters from Black Sea and Gulf of Mexico sediments. Sulfate 
concentrations were not available for the Black Sea samples. Error bars in (d) and (e) (some are 
smaller than the symbol in the figure) represent the standard deviations from duplicated 
measurements. MDL: method detection limit. 
 
One intriguing observation is that methanol and ethanol concentrations are 
linearly correlated at both stations (Fig. 2.6a). This behavior is strikingly different 
from that of the corresponding acids, i.e., formic acid and acetic acid, which show 
distinct concentration profiles in marine sediments (D’Hondt et al., 2003). In order to 
verify that our observed correlation was not caused by a procedural artifact or by 
contamination, we conducted additional experiments with the P&T method. Natural 
seawater was spiked with methanol and ethanol at various concentration ratios (1:10, 
1:2, 2:1, 10:1) and the solutions were analyzed by P&T-GC-FID. The results showed 
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that the measured methanol and ethanol concentrations were independent of each 
other and reflected the actual spiked concentrations (Fig. 2.6b).  
 
 
Fig. 2.6 (a) The relationship between methanol and ethanol in pore waters from Black Sea (+) and 
Gulf of Mexico (×) sediments. Note that the extremely high concentration at 32.5 cmbsf from Gulf 
of Mexico was not included in the regression analysis, as the correlation would be significantly 
driven by this single data point. (b) Signal of different concentration ratios of methanol (blue) and 
ethanol (red) spiked into seawater detected by P&T-GC-FID. Methanol and ethanol ratios are 1:10 
(diamond), 1:2 (rectangle), 2:1 (triangle), and 10:1 (circle). 
 
Contamination during processing in our laboratory was also ruled out by various 
tests (see section 2.3.6) and, furthermore, it is highly unlikely that the sediments were 
contaminated by equal amounts of both alcohols during two distinct expeditions 
during which different sampling protocols were applied by different science crews 
and using different equipment, etc. We therefore conclude that the methanol and 
ethanol concentration profiles reflect their biogeochemical behavior in these marine 
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sediment cores. The correlation implies that both alcohols may originate from the 
same organic matter pool, e.g., lignocellulosic materials, and are consumed by 
similarly active sinks.  
Further screening of a more diverse set of samples will be required to provide a 
mechanistic understanding of the biogeochemical processes governing the distribution 
of these compounds in marine sediments. Based on the sparse data available to date, it 
would appear that, unlike volatile fatty acids (D’Hondt et al., 2003; Ijiri et al., 2012), 
the pore-water distribution of the two alcohols in the sediments of the Gulf of Mexico 
is unrelated to the concentrations of bulk total organic carbon and nitrogen. The 
accumulation of alcohols at 51 cmbsf in the Black Sea, presumably, might be 
associated with active and net production from relatively fresh and abundant 
macromolecular precursors in shallower sediment (e.g., lignin or pectin for methanol: 
Donnelly and Dagley, 1980; Schink and Zeikus, 1980; lignin distribution: 
Staniszewski et al., 2001; cellulose for ethanol: Eichler and Schink, 1984). The 
subsurface alcohol maximum in the Black Sea, on the other hand, appears at the 
transition to the methanogenic zone (Fig. 2.5), where methane concentrations increase 
sharply and the highest rates of anaerobic oxidation of methane can be found (Knab et 
al., 2009; Riedinger et al., 2010). DAI-GC analysis of pore-water samples taken from 
another Black Sea station (cf. Riedinger et al., 2010; data not shown) confirmed the 
relationship between the two alcohols and the transition to the methanogenic zone 
because alcohols were only detectable (methanol = 16.9 µM, ethanol = 12.2 µM) in 
this horizon. Hoehler et al. (1999) reported the accumulation of other fermentation 
products such as acetate and H2 in the sulfate-methane transition zone. They 
postulated that it reflects a temporary decoupling of production by fermentative 
bacteria and consumption by terminal microorganisms (Alperin et al., 1994). Hence, 
the elevated alcohol levels at the transition to the methanogenic zone may reflect a 
similar production-consumption imbalance accompanying the shift in the dominant 
terminal electron-acceptor process. 
Two additional features stand out in the Gulf of Mexico profile. First, the 
methanol concentration was particularly low (2 μM) in the uppermost sampling 
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interval (0-5 cmbsf). This is attributed to the presence of oxygen in the bottom water, 
which promotes aerobic methanol oxidation (Kolb, 2009). Second, both alcohols 
reached tens of micromolar concentrations at the deepest sampling depth (32.5 cmbsf). 
This peak does not likely result from a local production-consumption imbalance, as 
inferred for the Black Sea sample, because geochemical data do not show a transition 
in the redox regime. Additional downcore surveys will be necessary to explain the 




We adapted and validated three methods to quantify methanol and ethanol in 
marine sediment pore waters and successfully analyzed deep-sea samples for the first 
time using all three methods. Results obtained by different methods were in good 
agreement, but the P&T-GC-FID method was superior to the other two in terms of 
MDL. The main findings for the natural sediment samples were: 1) in both the Black 
Sea and Gulf of Mexico sediments, methanol and ethanol concentrations were 
correlated, implying common sources and sinks; 2) slightly higher concentrations of 
alcohols were detected at the transition to the methanogenic zone in the Black Sea 
sediment; 3) average concentrations of both alcohols were higher in the Gulf of 
Mexico than in the Black Sea. Given the limited sampling carried out in this study, 
the extent to which these features represent the general distribution of alcohols in 
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3.1 Abstract  
 
Trimethylamine (TMA) and dimethylsulfide (DMS) are low-molecular-weight 
metabolites and methanogenic substrates in marine sediments. In this study, 
simultaneous quantification of TMA and DMS or dimethylsulfoniopropionate (DMSP) 
was accomplished in small volumes of marine pore waters and sediments through an 
optimized purge and trap technique in combination with gas chromatography coupled 
to mass spectrometry. Natural abundances and vertical distributions of TMA and 
DMS(P) (i.e., DMS or DMSP) were characterized in pore waters and sediments from 
Aarhus Bay, Denmark. Exchangeable TMA (0.3-6.6 μmol kg-1 wet sediment) and 
total base-extractable TMA (2-18 μmol kg-1) in the solid phase were much more 
abundant than the dissolved pool in pore waters (< 20 nM), indicating strong 
adsorption of TMA to sediments. Likewise, total base-hydrolyzable DMSP (DMS(P)t) 
in sediment was at least three orders of magnitude higher (11-65 μmol kg-1) than the 
combined pool of DMS and dissolved DMSP (DMS(P)d) in pore waters (1-12 nM). 
TMA and DMS(P)t accumulated in the surface sediment, and slightly decreased with 
depth, consistent with their origin from the decomposition of sedimentary 
phytoplankton debris and subsequent removal due to adsorption or microbial 
consumption. The stable carbon isotopic composition of TMA and DMS(P)t in 
sediments was investigated for the first time with headspace analysis. The δ13C values 
of TMA were around -38‰ relative to VPDB and varied little with depth, suggesting 
a large fraction of TMA could avoid biodegradation due to the adsorption to sediment. 
Base-hydrolyzable DMS(P)t was progressively enriched from -23.0‰ to -18.9‰ with 
increasing depth, indicating the microbial degradation of DMS(P) in marine sediment. 
Isotope mass balance calculation revealed that a maximum of 9% of DMS(P)t could 
be utilized by methanogen, and the generated methane could account for 1% to 29% 
of methane in the sulfate reduction zone. The occurrence of TMA and DMS(P) 
provided important substrates for methylotrophic methanogenesis, which might 






Methylated amines (e.g., monomethylamine, dimethylamine, trimethylamine) 
and sulfides (e.g., dimethylsulfide, methanethiol) are organic nitrogen and sulfur 
compounds that are commonly found in the marine environment (e.g., Charlson et al., 
1987; King, 1988). In particular for trimethylamine (TMA) and dimethylsulfide 
(DMS), they could be formed from a number of potential precursors (e.g., glycine 
betaine, dimethylsulfoniopropionate (DMSP)). The precursors are largely, but not 
solely, formed within phytoplankton (i.e., functioning as osmolytes) and can be 
converted to TMA and DMS while in the water column or upon deposition at the 
seafloor (Belviso et al., 2006; Keller et al., 1999). After formation or deposition 
within marine sediments, TMA and DMS constitute highly energetic substrates for 
methylotrophic methane producing organisms (Kiene et al., 1986; King, 1984b; 
Oremland and Polcin, 1982; van der Maarel and Hansen, 1997). The connection 
between phytoplankton productivity, TMA and DMS, and methane biogeochemistry 
adds impetus to further developing our understanding of these critical intermediary 
species. 
In addition to TMA supplied directly to marine sediments by marine algae, 
animals and bacteria (Budd and Spencer, 1968), TMA may be produced as 
intermediates during the anaerobic degradation of quaternary amines such as choline 
and glycine betaine (King, 1988). Similarly, marine sediments receive inputs of 
phytoplankton derived organic matter containing the natural osmolyte and 
cryoprotector, DMSP, which is enzymatically degraded to DMS (e.g., Keller et al., 
1989; Zhuang et al., 2011). Under anoxic conditions, DMS can also be generated from 
bacterial reduction of dimethylsulfoxide (Kiene and Capone, 1988), methylation of 
methanethiol (Lomans et al., 2002), or microbial incorporation of inorganic substrates 
(e.g., CO, CO2) and organic methoxylated compounds (Finster et al., 1990; Lin et al., 
2010; Moran et al., 2008).  
TMA and DMS can be important methanogenic substrates in marine sediments 
(Kiene, 1988; King, 1984a; Mitterer, 2010; Watkins et al., 2012). Unlike the major 
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methanogenic substrates, hydrogen and acetate, the utilization of methylotrophic 
substrates by methanogens is not subject to competition with sulfate-reducing bacteria 
(Kiene et al., 1986; Oremland et al., 1982). Consequently, these non-competitive 
substrates could potentially drive methanogenesis in sulfate-bearing sediment. Culture 
independent molecular methods have been used to detect putative methylotrophic 
methanogens in a number of environments: tidal-flat sediments (Wilms et al., 2006), 
brine pools (Joye et al., 2009), and mud volcanoes (Lazar et al., 2012). Furthermore, 
methylotrophic methanogens utilizing TMA have been successfully enriched or 
isolated from a variety of sedimentary environments (e.g., Lazar et al., 2012; 
Oremland et al., 1989; Singh et al., 2005; Sowers and Ferry, 1983).  
Despite of the potential significane for methane production, TMA or DMS are 
rarely quantitatively measured in marine sediments or pore water due to analytical 
challenges (Andreae, 1985; Fitzsimons et al., 2001; Lee and Olson, 1984). For 
example, the requirement of a large sample volume (> several tens mL) and the 
time-consuming pretreatment with manipulative steps in the published methods such 
as distillation (Lee and Olson, 1984) or microdiffusion (Kamil Abdul-Rashid et al., 
1991; Yang et al., 1993) make the routine application of these methods for pore water 
TMA analysis difficult. In this study, we quantified TMA and DMS in marine 
sediment and pore waters in one analytical step with a small volume (~5 mL) using a 
simple setup of purge and trap coupled to gas chromatography-mass spectrometry 
(P&T-GC-MS). Our goal was to measure concentrations of ΤΜΑ and DMS(P) (i.e., 
DMS or DMSP), determine the δ13C isotope composition in the solid phase, and 
further address their biogeochemistry and potential for methane production. We 
performed this research at a well studied site within Aarhus Bay, Denmark, for which 
the intricasies of methane cycling and the general sedimentary biogeochemical cycles 
are well known (Holmkvist et al., 2011; Jensen et al., 1995; Thamdrup et al., 1994). 
 
3.3 Materials and experimental 




Trimethylamine hydrochloride (98%) and DMS (≥ 99.0%) were purchased from 
Sigma-Aldrich Chemie GmbH (Steinheim, Germany). The stock solution of 
trimethylamine hydrochloride (20 mM) was prepared in Milli-Q water and stored in a 
50 mL vial sealed without a headspace using polytetrafluoroethene (PTFE)/silicone 
septum (Supelco, Bellefonte, USA). DMS stock solution (5 mM) was prepared in 
methanol (hypergrade for LC-MS, Merck, Darmstadt, Germany). Both stock solutions 
were stored at 4 °C in the dark. Standard solutions for the calibration were obtained 
by diluting the stocks with Milli-Q water. Ethyl methyl sulfide (EMS, 96%, 
Sigma-Aldrich Chemie GmbH) was used as the internal standard. 
 
3.3.2 Pore water and sediment sampling 
 
Pore water and sediment samples were collected from Aarhus Bay, Denmark, in 
April 2012. The Aarhus Bay (Fig. 3.1) is a semi-enclosed bay on the Baltic Sea-North 
Sea transition and has been previously characterized for geochemistry and microbial 
activities (Jørgensen, 1996; Holmkvist et al., 2011). Two sites, M1 (56°07.0762' N, 
10°20.8078' E) and M5 (56°06.1977' N, 10°27.4822' E) were investigated with water 
depths of 15 m and 27.5 m, respectively (Fig. 3.1). Rumohr Lot cores of up to 70 cm 
below seafloor (cmbsf) were taken with minimal disturbance to the surface sediment 
horizons, stored at 4 °C, and processed within 24 hours after retrieval. Pore water 
samples were extracted from sediment via Rhizon soil moisture samplers (0.1 µm 
porous polymer, Rhizosphere Research, Wageningen, the Netherlands) 
(Seeberg-Elverfeldt et al., 2005). Rhizons were rinsed with at least 30 mL of dilute 
hydrochloric acid (pH 1-2) followed by 30 mL of Milli-Q water before use. The 
collected pore water was split into aliquots for analyses of sulfate, TMA, and DMS. 
Sediment samples for TMA, DMS(P) or total organic carbon (TOC) were taken with 
10 mL cut-off syringes and introduced into 40 mL vials sealed with screw caps. For 
methane analysis, 5 mL sediment samples were collected with cut-off plastic syringes 
and transferred into 25 mL glass serum vials closed with a butyl septum and crimp 
cap. The serum vials contained 8 mL of 2.5% NaOH to terminate biological activity 
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in the sediment. All the pore-water and sediment samples were stored at either 4 °C 
(methane analyses) or –20 °C before analysis.  
 
 
Fig. 3.1 Sampling sites M1 and M5 in Aarhus Bay, Denmark. 
 
3.3.3 Geochemical analysis 
 
Methane was quantified on a gas chromatograph equipped with a flame 
ionization detector using the headspace method (SRI 310C GC, SRI Instruments, 
USA) (Jørgensen and Parkes, 2010). The carbon isotope composition of methane was 
obtained using a ThermoFinnigan Trace GC Ultra equipped with a 30 m × 0.32 mm 
ID Carboxen-1006 PLOT column coupled to a ThermoFinnigan Delta Plus XP 
isotope ratio mass spectrometer (IRMS) via a Finnigan combustion interface-III 
(Ertefai et al., 2010). Pore water sulfate was measured by an ICS-3000 ion 
chromatography system (Dionex Corporation, USA) (Glombitza et al., 2014). TOC 
were determined in a Carlo Erba NA-1500 CNS analyzer after decarbonating the 




3.3.4 Purge and trap apparatus and method optimization for quantitative analysis of 
TMA and DMS(P) 
 
TMA and DMS were preconcentrated by means of a cryogenic purge and trap 
(P&T) system (Fig. 3.2), in which volatile analytes were stripped from the aqueous 
phase with a stream of inert gas and subsequently trapped cryogenically prior to 
analysis. Specifically, a helium carrier stream (40 mL/min), controlled and monitored 
with a toggle valve (Swagelok, Hamburg, Germany) and a gas flow controller (Valco 
Instruments Co. Inc., Houston, US), entered the sparging chamber via a pressure 
gauge (Supelco) and a 1 mL plastic syringe (B. Braun, Melsungen, Germany). The 
syringe flange was cut, the plunger removed, and the tip fitted with a long hypodermic 
needle (Gauge 21, 120 mm; B. Braun, Melsungen, Germany). A 50 mL fluorinated 
ethylene propylene vial (Thermo Scientific Inc., USA) was used as the sparging 
chamber (Fig. 3.2), as it offered improvements over the salinized glass sparging 
chamber described by Glob and Sørensen (1987). The sparging chamber was sealed 
with a screw cap and a PTFE septum, and heated in a water bath (60 °C) during 
purging. The carrier gas stream exited from the sparging chamber through a second 
syringe fitted with a short needle (Gauge 21, 40 mm; B. Braun, Melsungen, Germany) 
and passed through a moisture condenser. The condenser was made of PTFE tubing 
(6.4 mm O.D.) submerged in a cryo-bath (–25 °C) filled with a mixture of o-xylene 
and liquid nitrogen, without compromising TMA and DMS, as tests showed that glass 
tube filled with chemical dryer tended to cause poor reproducibility probably due to 
adsorption. The dry gas stream then entered the cold trap immersed in liquid nitrogen. 
The cold trap was made of 1.6 mm O.D. PTFE tubing, which was looped to form coils 
of 5 cm in diameter and connected to a six-port Sulfinert™ valve (Restek GmbH, Bad 
Homburg, Germany). After 10-min of purging and trapping, the trap was transferred 
into a heating sleeve (200 °C), gas flow was directed to the GC by switching the 
six-port valve, and the vaporized analytes were collected for 1 min prior to GC 
analysis. The heating sleeve was made of silicon heating tape (MiL Heating Systems 
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GmbH, Ubstadt-Weiher, Germany), which was wrapped to form a bag, covered with 
aluminum foil, and connected to an electronic temperature regulator through a sensor 
(MiL Heating Systems GmbH). All tubing, connectors, chamber, and traps were made 
of PTFE or perfluoroalkoxy (PFA) (Swagelok, Hamburg, Germany) to minimize 
adsorption during analysis. The whole system was purged for 4 min prior to the 
addition of samples to avoid carryover. After this step, the cold trap was immerged in 
liquid nitrogen for 3 min to fully cool down before purging of the sample started.  
 
 
Fig. 3.2 Purge and trap GC-MS system used for analyzing TMA and DMS(P) in the pore waters 
and sediment. 
 
The quantitative analysis of TMA and DMS was performed on a Trace GC 
(Thermo Finnigan, Milan, Italy) coupled to a DSQ II MS (Thermo Finnigan, Texas, 
USA). An advanced base-deactivated Rtx®-Volatile Amine Column (30 m × 0.32 
mm I.D., Restek GmbH, Homburg, Germany) was used for separation of the analytes. 
The optimized GC conditions were: split/splitless injector with a base deactivated 
liner (4.0 mm I.D., Restek GmbH, Homburg, Germany); split ratio, 1:10; injection 
temperature, 250 °C; carrier gas, helium at 2 mL/min; oven temperature, starting at 
40 °C for 5 min, ramped to 250 °C at 40 °C/min, and held at 250 °C for 3 min. The 
MS with an electron impact source was operated in selected ion monitoring (SIM) 
mode. The major ions were: m/z 58 and 59 for TMA, m/z 47 and 62 for DMS, and 
m/z 61 for EMS. We selected m/z 58 and 62 for quantification. Other MS parameters 
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were: ionization voltage, 70 eV; ion source, 200 °C; transfer line temperature, 250 °C. 
During optimization, a 5 mL aliquot of mixed standards (200 nM TMA and 20 
nM DMS), together with 1 mL of 5 M NaOH, 25 μL of 1 μM EMS, and 0.2 mL of 20 
mM NH4Cl, was injected through the septum to the sparging chamber before analysis. 
NaOH is necessary to release TMA from the hydrochloride form, as TMA (with the 
pKb values of 4.19) exists primarily in the non-volatile protonated form in the marine 
environment (pH ~8). NH4Cl helps to improve the recovery of TMA by competing 
with TMA for adsorption sites on the surface of labware and column (Dalene et al., 
1981). Measurements of standards showed that compared to non-spiked solutions, 
NH4Cl-amended standards had higher response and better reproducibility of TMA 
without compromising the response of DMS. Furthermore, we systematically 
evaluated the influence of purge conditions (purge flow, purge time, purge 
temperature and ionic strength) with respect to purging efficiency. The significance of 
differences between different P&T conditions was tested using one-way analysis of 
variance (one-way ANOVA) with the significance level (α) set at 0.05. Multiple runs 
with different flows of 40, 60, 80 mL min-1 demonstrated that the impact of purge 
flow on TMA was insignificant (Fig. 3.3a, ANOVA, P = 0.417), whereas DMS 
response decreased markedly with the enhanced flow (Fig. 3.3a, ANOVA, P < 0.001). 
Prolonged purging did not improve the TMA signal after 10 min and caused a lower 
response of DMS (Fig. 3.3b). Rising temperature from ambient to 80 °C improved the 
detection of TMA (Fig. 3.3c, ANOVA, P < 0.001) but resulted in a considerable loss 
of DMS (Fig. 3.3c, ANOVA, P < 0.001). Addition of Na2SO4 did not affect the 
purging efficiency of TMA (Fig. 3.3d, ANOVA, P = 0.163) but compromised the 
analysis of DMS (Fig. 3.3d, ANOVA, P < 0.001). Collectively, for concurrent 
quantification of TMA and DMS, the ultimate purge condition was set to be 10 min 
with a flow rate of 40 mL/min at 60 °C without salt addition.  
Under the optimized purge and trap condition, linear calibration and good 
repeatability were achieved for both compounds (Table 3.1). The method detection 
limit (MDL) was 20 nM for TMA and 0.1 nM for DMS, respectively, with a 5 mL 
sample volume. Taking the purge and GC running time into account, the total process 
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time for each sample is 25 min. The short sample processing time, the relatively low 
requirement of sample volume, and the capability to analyze two distinct methylated 
substrates simultaneously make our method a suitable assay for reconnaissance 
studies of TMA and DMS in sedimentary environments. 
 
 
Fig. 3.3 The effects of (a) purge flow, (b) purge time, (c) purge temperature, and (d) salt addition 
on the response of TMA and DMS measured with P&T-GC-MS. In each panel, 100% recovery 
corresponds to the highest signal observed. Error bars represent the standard deviation of triplicate 
measurements, and optimal conditions are denoted with * in each panel. 
 


















30-600 nM 0.990 




0.5-20 nM 0.998 
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3.3.5 Definition and measurements of different pools 
 
For pore water analysis, a 5 mL aliquot of aqueous sample, with 1 mL of 5 M 
NaOH, 25 μL of 1 μM EMS, and 0.2 mL of 20 mM NH4Cl, was introduced to the 
sparging chamber and treated with the same procedure as the standards. However, due 
to the presence of DMSP in the pore water, NaOH could act as a reagent that cleaves 
DMSP and generates DMS with 1:1 stoichiometry (Dacey and Blough, 1987). Thus, 
the term of DMS(P)d was used to refer to the combined pool of dissolved DMS and 
DMSP determined by our method in the pore water. The mixture was stored at 4 °C in 
the dark overnight to allow for complete deprotonation of TMA and conversion of 
DMSP to DMS.  
For analysis of sediment, we mixed 0.5 g sediment with 4.5 mL of artificial 
seawater, 1 mL of 5 M NaOH, 20 μL of 50 μM EMS, and 0.2 mL of 20 mM NH4Cl. 
Tests performed with standards suggested that precursors of TMA were unlikely to 
interfere with the measurements of TMA, as the addition of NaOH only resulted in 
the conversion of 0.1% of glycine betaine to TMA and no TMA was formed from 
trimethylamine oxide or choline. Thus the measured TMA was defined as the total 
base-extractable pool of TMA in the sediment, which might include dissolved, 
exchangeable or bound TMA in the sediment. Due to alkaline cleavage, total 
base-hydrolyzable DMSP in the sediment, including adsorbed DMS, DMS(P)d, and 
particulate DMSP, were collectively quantified as one pool, designated with the term 
DMS(P)t. Likewise, the slurries were stored at 4 °C in the dark overnight prior to 
analysis. Furthermore, a fraction of amine compounds could reversibly adsorb to 
particle exchange sites (Lee and Olson, 1984; Wang and Lee, 1990). To quantify the 
exchangeable pool of TMA in the sediments, ~4 g wet sediments were extracted with 
20 mL 1 M LiCl for 2 hours with continuous agitation. After centrifugation, the 
supernatant was treated with the same procedure for TMA analysis in the pore water.  
 




We used a headspace method to determine the stable carbon isotopic 
composition of base-extracted TMA and DMS in the sediment. Around 6 g sediments 
were placed in a 10-mL glass vial, amended with 2 mL of a 5 M NaOH, and sealed 
immediately with butyl stoppers. The samples were homogenized by vigorous 
shaking, and stored upside down at 4 °C in the dark overnight. Prior to analysis, 
sediment samples were heated at 60 °C for 10 min, and 800 μL of gaseous samples 
from the headspace were taken with gas-tight syringe and injected manually into the 
GC-IRMS system. Stable carbon isotope of analysis was performed with a 
ThermoFinnigan Trace GC Ultra coupled to a ThermoFinnigan Delta Plus XP isotope 
ratio mass spectrometer via a Finnigan combustion interface-III. The δ13C values are 
expressed relative to that for Vienna-Pee Dee Belemnite (VPDB), which are defined 
by the equation δ13C (‰) = (Rsample/Rstandard – 1) × 1000, with R = 13C/12C and Rstandard 
= 0.0112372 ± 2.9 × 10−6. The column and temperature gradient for separation were 
adopted from the purge and trap method for quantitative analysis. To improve the 
detection limit, the split ratio was set to be 1:2 with a column flow of 5 mL min-1.  
To assess the precision and accuracy of the carbon isotopic analysis, we analyzed 
different concentrations of TMA standards and compared the δ13C values obtained by 
GC-IRMS to trimethylamine hydrochloride determined with a Flash 2000 Organic 
Elemental Analyzer coupled via a Conflo IV interface (Thermo Finnigan MAT 
GmbH) to a Delta V Plus isotope ratio mass spectrometer (EA-IRMS). The reference 
value for DMS was obtained by injecting 200 µL of pure standard into water-free 
headspace vials and after heating to 60 °C (23 °C above the boiling point of DMS) for 
10 min, the δ13C value of the gaseous DMS standard in the headspace in the absence 
of an aqueous phase was compared with aqueous standards to evaluate the isotopic 
accuracy of DMS at different concentrations (Lin et al., 2010). The average δ13C 
values of TMA at concentrations from 10 µM to 1000 µM was -43.5‰ ± 0.5‰ (n = 
21), in agreement with the results obtained from EA-IRMS measurements (-43.4‰ ± 
0.1‰, n = 10) (Fig. 3.4). By comparison, δ13C values of DMS standards between 10 
µM and 200 µM were generally consistent with the gaseous standards (-43.4‰ ± 
0.2‰, n = 4), while a positive shift of > 1.6‰ was observed at 5 µM, 500 µM and 
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1000 µM. As all TMA and DMS(P) concentrations in our environmental samples 
were within the optimal range defined by the standard measurements, the headspace 
method is adequate for precise carbon isotopic analysis of TMA and DMS(P) in 
marine sediment. 
 
Fig. 3.4 Stable carbon isotopic analysis of TMA (a) and DMS (b) at different concentrations with 
3 mL standards. Filled square represent the δ13C values of TMA and DMS, open diamond 
designate the corresponding peak area, and dashed line are the reference values from pure 
standards. Gray areas indicate the range of peak area from environmental samples. Error bars 
represent the standard deviation of triplicate measurements. 
 
3.4 Results 
3.4.1 Geochemistry  
 
At Site M1, low micromolar levels of methane were detected in the presence of 
sulfate (Fig. 3.5-A). Methane concentrations progressively increased to 14 μM at 46 
cmbsf, while the concentrations of sulfate decreased from 23 mM at 1 cmbsf to 16 
mM at 54 cmbsf. The carbon isotopic values of methane became increasingly more 
negative with depth and reached -60‰ at 50 cmbsf (Fig. 3.5-B). Furthermore, the 
δ13C values of TOC increased from -21.3‰ to -18.1‰ at 18 cmbsf, and varied little at 
deeper depths (Fig. 3.5-B). 
Chapter 3 
72 
In contrast to M1, sulfate were reduced already in the upper 50 cmbsf (Fig. 3.6-A) 
at Site M5, and sulfate concentration decreased to 0.2 mM at 54 cmbsf. Accordingly, a 
clear sulfate methane transition zone (SMTZ) occurred at ~45 cmbsf, below which 
methane accumulated. The δ13C values of methane were most positive (up to -57‰) 
in the upper 10 cmbsf, decreased and stayed constant at ~-63‰ between 10 and 38 
cmbsf at M5 (Fig. 3.6-B). The trend of 13C depletion in methane continued in the 
SMZT, where the δ13C values shifted from -65‰ to -83‰, as commonly observed in 
this zone (cf. Yoshinaga et al., 2014). In the underlying methanogenic zone, the δ13C 
values were highly negative (~-81‰), in accordance with the typical range for 
hydrogenotrophic methanogenesis (Whiticar, 1999). Like the M1 profile, the δ13C 
values of TOC slightly increased in the upper 20 cmbsf (-22.9‰ to -18.7‰) and 
leveled off until 60 cmbsf.  
 
3.4.2 Distribution of TMA and DMS(P) in the Aarhus Bay sediment  
 
With the optimized method, the abundance and distribution of TMA, DMS, and 
DMSP were investigated in the pore waters and sediments. At Site M1, dissolved 
TMA in the pore waters was below the MDL of 20 nM at most depths (data not 
shown), whereas the concentration of TMA in solid phase sediment was relatively 
high. Exchangeable TMA accumulated in the upper 5 cmbsf (> 5 μmol kg-1 wet 
sediment), decreased gradually to 0.5 μmol kg-1 at 17 cmbsf and became constant 
with respect to depth until 50 cmbsf (Fig. 3.5-C). The total base-extractable TMA in 
the sediment was more abundant (2-15 μmol kg-1) and had a downcore distribution 
pattern similar to the exchangeable pool (Fig. 3.5-D). The δ13C values of 
base-extractable TMA varied slightly between 15 and 26 cmbsf, with an average 
value of -37.9 ± 0.9‰. The pool sizes of DMS(P)d in the pore waters were small (~3 
nM), and the concentrations declined from 12 nM at 1 cmbsf to ~3 nM at 7 cmbsf and 
varied slightly in deeper depth (Fig. 3.5-E). The total pool of hydrolyzable DMS(P)t 
(17-65 μmol kg-1) was at least three orders of magnitude higher than DMS(P)d (Fig. 
3.5-F). DMS(P) concentrations in the bottom water (17 nM, Fig. 3.5-F) were lower 
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than in the surface sediment (65 μmol kg-1), and DMS(P)t in the sediment generally 
decreased with depth. Furthermore, the δ13C values of evolved DMS from base 
hydrolyzed sediment ranged from -21.9‰ to -18.6‰, and became slightly positive 
with depth.  
 
 
Fig. 3.5 Depth profiles of methane and sulfate (A), δ13C of methane and TOC (B), exchangeable 
TMA (C), base-extractable TMA and δ13C of TMA (D), dissolved DMS(P)d (E), 
base-hydrolyzable DMS(P)t and δ13C of DMS(P)t (F) in pore waters and sediments at Site M1, 
Aarhus Bay. Note that exchangeable TMA, base-extractable TMA and base-hydrolyzable 
DMS(P)t was expressed as μmol per kg wet sediment. The concentrations of base-hydrolyzable 
DMS(P)t in the bottom water was also shown at 0 cmbsf (F), and the unit was nM. Error bars for 
δ13C of TMA and DMS(P) represent the standard deviations from the duplicate measurements. 
 
At Site M5, TMA was also not detectable in the pore waters (data not shown). 
Exchangeable TMA was highest at 1 cmbsf (6.5 μmol kg-1) and decreased from 1.5 
μmol kg-1 to 0.3 μmol kg-1 below 5 cmbsf (Fig. 3.6-C). The base-extractable pool of 
TMA in the sediment was particularly large in the upper 5 cmbsf (>10 μmol kg-1) and 
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decreased with depth to a value of ~3 μmol kg-1 below 10 cmbsf (Fig. 3.6-D). Similar 
to M1, the δ13C values of TMA were between -36.4‰ and -39.2‰, and varied slightly 
with depth. For DMS(P)d, higher concentrations were observed between 12 and 20 
cmbsf (Fig. 3.6-E). The maximum DMS(P)t (44 μmol kg-1) was detected at a shallow 
subsurface depth of 3 cmbsf (Fig. 3.6-F), below which DMS(P)t decreased with 
increasing depth. Furthermore, the δ13C values of evolved DMS increased with depth, 
from -23.4‰ at 1 cmbsf to -19.1‰ at 62 cmbsf. 
 
 
Fig. 3.6 Depth profiles of methane and sulfate (A), δ13C of methane and TOC (B), exchangeable 
TMA (C), base-extractable TMA and δ13C of TMA (D), dissolved DMS(P)d (E), 
base-hydrolyzable DMS(P)t and δ13C of DMS(P)t (F) in pore waters and sediments at Site M5, 
Aarhus Bay. Note that exchangeable TMA, base-extractable TMA and base-hydrolyzable 
DMS(P)t was expressed as μmol per kg wet sediment. The concentrations of base-hydrolyzable 
DMS(P)t in the bottom water was also shown at 0 cmbsf (F), and the unit was nM. Error bars for 





3.5.1 Source and sink of TMA and DMS in marine sediment  
 
The concentrations of TMA in Aarhus Bay were comparable to previous 
observations from offshore sediments (Lee and Olson, 1984), but were significantly 
lower than those in salt marsh or intertidal sediments (Table 3.2). TMA could be 
derived from either direct release of marine biota (Budd and Spencer, 1968), or 
through the degradation of osmolyte precursors (King, 1984a). The presence of marsh 
grass could affect methylamine levels through direct excretion or input of organic 
detritus (Wang and Lee, 1990), and lead to elevated concentrations of dissolved TMA 
(up to a few micromolar) in salt marsh sediments (Fitzsimons et al., 2001; Wang and 
Lee, 1994). Benthic fauna was also proposed to influence the spatiotemporal variation 
of TMA in intertidal sediment (Sørensen and Glob, 1987). In our study sites, the 
permanently submerged estuarine sediment distinguished itself from salt marsh and 
intertidal sediment in that pore waters were deficient in TMA (<20 nM). With water 
depths of 15-30 m, the sources of TMA are already limited in Aarhus Bay sediment. 
At Sites M1 and M5, both exchangeable TMA and total base-extractable TMA in 
the solid phase were much larger than the dissolved TMA pool. This distribution, also 
described in previous studies (Fitzsimons et al., 2001; Fitzsimons et al., 1997; Wang 
and Lee, 1993), is likely caused by the strong adsorption of TMA on particles. With 
the reported average adsorption coefficients between exchangeable TMA and 
dissolved TMA (K = 250) (Wang and Lee, 1994), we can calculate the theoretical 
concentrations of dissolved TMA in Aarhus Bay. The calculated TMA concentrations 
in the pore waters at both sites ranged from 1 to 24 nM, which is consistent with TMA 
being below our detection limit (<20 nM). Laboratory adsorption studies 
demonstrated that the adsorption behavior of TMA might be influenced by pore water 
salinity, types of clay minerals, and organic matter content of the sediment (Wang and 
Lee, 1990). Specifically, adsorption coefficients slightly decreased with reduced 
organic carbon content and salinity. The lower salinity in the estuarine sediment (< 
30‰) relative to the salt marsh, could elevate the adsorption of TMA due to the 
Chapter 3 
76 
higher availability of ion-exchange sites, and further diminish the pool size of TMA in 
the pore water.  
 








Sediment settings  aRef. and 
methods 
TMA 2.2-2.4 - - Intertidal Sediments, Lowes 
Cove, Maine, USA 
1 
 0.4-29 22 - Buzzards Bay, Massachusetts, 
US 
2 
 0-0.14 0.2-2 - Eastern Tropical North Pacific 
Ocean, 
continental margin of Mexico 
2 
 0-10 0.1-15 - Norsminde Fjord, Denmark 3 
 0-~5.1 - 5-238 Westend Saltpond, St. Croix, US 4 
 0.01-0.5 1-70 - Flax Pond salt marsh,  
Long Island, New York, US 
5 
 0-50 - 10-980 Salt marsh, Oglet Bay, UK 6 
 <4.7 - <4600 Salt marsh, East Anglian 
Estuary, UK 
7 
 0.03-2.23 - 4370-10000 mudflats, the Thames Estuary, 
UK 
8 
 <0.02 0.3-6.6 2.0-15.7 Aarhus Bay, Denmark  9 





   55.4±12.2 Northern Norwegian fjords 11 
   8.7±4.1 Inshore, Southern North Sea 11 
 1-2 nM  15-65 Aarhus Bay, Denmark 12 
a References and methods: 1. King, 1983; headspace GC-FID. 2. Lee and Olson, 1984; distillation 
GC with chemiluminescent nitrogen detector. 3. Sørensen and Glob, 1987; purge and trap GC-FID. 
4. King, 1988; headspace GC-FID. 5. Wang and Lee, 1994; static diffusion GC-NPD. 6. 
Fitzsimons et al., 1997; micro-diffusion GC-NPD. 7. Fitzsimons et al., 2001; micro-diffusion 
GC-NPD. 8. Fitzsimons et al., 2006; micro-diffusion GC-NPD. 9, 12. this study; purge and trap 
GC-MS. 10. van Bergeijk, et al. 2002; headspace GC-FID. 11. Belviso, et al., 2006; purge and trap 
GC-FPD. 
 
The total base-extractable TMA pool was 2-10 times greater than the 
exchangeable TMA pool, and significant correlations were observed between the 
exchangeable TMA and the total base-extractable TMA at M1 (R2 = 0.85) and M5 (R2 
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= 0.81). These data collectively suggested that the addition of base liberated both the 
exchangeable and bound TMA, similar to those approaches of extracting fixed amines 
in the sediments with HCl or HF (Lee and Olson, 1984; Wang and Lee, 1994). 
Furthermore, TMA in the solid phase had the highest concentration in near surface 
sediment and generally decreased with depth, implying that it could be produced from 
the decomposition of sedimentary phytoplankton debris but subsequently removed 
due to physical adsorption or microbial consumption. The adsorbed fraction was 
partly reversible under natural conditions (Fitzsimons et al., 2006), as noted by the 
decrease in concentration with depth, and the desorbed exchangeable TMA might 
have fueled microbial processes. Previous experiments examining the decomposition 
of TMA also demonstrated that amended 14C-labeled TMA disappeared rapidly due to 
adsorption or consumption, while most of the adsorbed amines would eventually be 
remineralized (Wang and Lee, 1995). 
In general, enzymatic cleavage of DMSP has been considered as the major 
source of DMS in marine environments (Keller et al., 1989). In diatom-dominated 
intertidal sediments, instantaneous increases of pore water DMS(P) up to 1 μM have 
been reported as a response of DMSP-containing microorganisms to osmotic shocks 
(Van Bergeijk et al., 2002). Analogous to TMA, the concentrations of DMS(P)d (1-12 
nM) and DMS(P)t (15-65 μmol kg-1) in the estuarine sediment of Aarhus Bay were 
lower than those in the intertidal sediment (Table 3.2), but were comparable to those 
reported for the fjord sediment (Belviso et al., 2006), suggesting a reduced flux of 
DMSP into the sediment with increasing water depth. However, the two sites showed 
different downcore distribution for DMS(P)d. At M1, DMS(P)d concentration peaked 
at the sediment-water interface, decreased sharply from 0 to 5 cmbsf, and leveled at 
2-5 nM at greater depths except for the sample at 50 cmbsf. Such a pattern was in 
agreement with phytodetritus being the main source of DMS(P) in the pore waters. In 
contrast, at M5, the level of DMS(P)d concentrations reached a maximum between 12 
and 20 cmbsf, while the distribution of DMS(P)t showed a general decreasing trend 
with depth, similar to that of M1. The decoupling between the dissolved and total 
pools implies that other sources than sedimentary DMSP were contributing to the 
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dissolved DMS pool. Site M5 has a shallow SMTZ, suggesting intensive sulfate 
reduction and presumably accumulation of hydrogen sulfide in the upper 50 cmbsf of 
the sediment. Involvement of hydrogen sulfide in the production of DMS and 
methanethiol from organic and inorganic carbon has been demonstrated before (Lin et 
al., 2010; Lomans et al., 2002) and may provide an explanation for the subsurface 
DMS(P)d maximum, although the exact mechanism requires further studies.  
Furthermore, DMS(P)t concentrations in the bottom water (<20 nM) were much 
lower than that in the surface sediment (Fig. 3.5F, 3.6F), indicating the dominance of 
particulate DMSP in the total base-hydrolyzable pool. DMSP accumulated in the 
surface sediment and decreased slightly with depth at both sites, suggesting the 
microbial degradation of DMSP under anoxic conditions. In marine sediments, DMSP 
could be degraded either through enzymatic cleavage to acrylate and DMS, or through 
successive demethylations of the sulfur atom to 3-methiolpropionate and 
3-mercaptopropionate (Kiene and Taylor, 1988; Taylor and Gilchrist, 1991). These 
labile degradation products of DMSP, including DMS, could be further mineralized 
by microorganisms, e.g., denitrifying bacteria, sulfate reducers, and methanogens 
(Kiene and Capone, 1988; Visscher and Taylor, 1993).  
 
3.5.2 Stable carbon isotopic signatures of TMA and DMS(P) in sediment 
 
Although the low concentrations of TMA and DMS in the pore water did not 
allow for isotopic analysis, it was possible to examine the isotopic signature of the 
TMA and DMS from base extracted sediment. Interestingly, the δ13C values of TMA 
were strongly offset from the isotopic composition of TOC with TMA being depleted 
in 13C relative to TOC by 20‰. The precursors of TMA such as glycine betaine and 
choline are derived from marine algae, thus their isotopic values are primarily 
dependent on the production of biomass and the isotopic fractionation associated with 
photosynthetic processes. The C1 units for quaternary methylammonium groups of 
glycine betaine and choline mainly originate from the non-carboxyl carbon of serine 
and glycine. A previous study has showed that non-carboxyl carbon of serine is 6‰ to 
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9‰ 13C enriched relative to TOC in a range of photosynthetic organisms (Abelson 
and Hoering, 1961). Likewise, non-carboxyl carbon of glycine varied from 6‰ 
depletion to 3‰ enrichment dependent of the organisms (Abelson and Hoering, 1961). 
Thus, the carbon in glycine betaine or choline should be generally 13C-enriched or 
similar with respect to the isotopic composition of the photosynthetic TOC. As a 
consequence, the relatively large discrimination between TMA and TOC might be 
caused by the isotopic fractionation during the degradation reaction of TMA from 
glycine betaine or choline.  
Once produced, TMA can be consumed by microorganisms, and these processes 
are also associated with isotopic effects. For example, the utilization of TMA by 
methanogens could cause a large fractionation between TMA and methane 
(37‰-71‰) (Londry et al., 2008; Summons et al., 1998). Accordingly, the residual 
TMA pool should be 13C-enriched due to the preferential utilization of lighter 12C 
isotopes. Although the δ13C values of TMA did not show significant variations with 
depth at M1 and M5, this was not contradictive to the assumption on microbial 
consumption of TMA. The measured δ13C values were from the base extracted pool of 
TMA, which included both bioavailable and bound TMA in sediment. Instead, the 
homogeneous isotopes of TMA could indicate that a large fraction of TMA was 
adsorbed to sediment and less available for biodegradation, consistent with our 
observation of the difference of TMA pool sizes in the pore water and sediments. 
Therefore, the δ13C values of TMA in the base extracted pool might reflect an isotopic 
balance between the adsorption, desorption and biological consumption of TMA in 
the sediments, as these processes collectively controlled the TMA pools in different 
phases.  
In contrast to TMA, the isotopic values of DMS(P) at both sites were comparable 
to those of TOC. Similar to glycine betaine and choline, DMSP is also produced in 
marine algae, and it is largely synthesized from methionine (Gage et al., 1997). Thus, 
it could be also inferred that the isotopic signature of DMSP depends on 
photosynthetic processes and the carbon in DMSP should be similarly 13C-depleted 
relative to TOC. Unlike TMA, the evolved DMS for isotopic analysis is from DMSP 
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through base hydrolysis, thus the measured isotope values should be indicative of the 
carbon signature of DMSP. The isotopic difference between measured TMA and 
DMS(P), also suggested the potential fractionation occurred during the microbial 
production of TMA from precursors, which might lead to the relatively 13C depleted 
isotope of TMA.  
At both sites, the δ13C values of DMS(P) became increasingly more positive with 
depth, indicating the microbial degradation of DMS(P), during which 13C-depleted 
DMS(P) was preferentially utilized by microbes. A strong negative correlation 
between the concentrations and isotopes of DMS(P)t was observed at M5 (R2 = 0.49), 
further attesting to the enrichment of 13C in the residual pool with the degradation of 
DMSP. Among those microbial processes that involves DMS or DMSP degradation, 
the methane production from DMS are associated with large fractionation (Whiticar, 
1999), which might result in the enrichment of 13C in DMS(P). 
 
3.5.3 Potential implication for methanogenesis from TMA and DMS(P)  
 
At M1 and M5, small amount of methane were detected in the sulfate-reducing 
sediments. As hydrogenotrophic methanogenesis and acetoclastic methanogenesis are 
thermodynamically inhibited by sulfate reduction (Oremland et al., 1982), the 
occurrence of methane in the presence of sulfate has been proposed to result from the 
in situ production from methylated compounds, although this process is often 
obscured by both the diffusive flux from underlying horizons and the concurrent 
oxidation of methane (Valentine, 2011, references therein). At M5, the relatively 
constant δ13C values of methane between 10 and 38 cmbsf (~-63‰) might suggest a 
balance between methane production and oxidation, as anaerobic oxidation of 
methane (AOM) could drive the progressive 13C-enrichment of methane in the sulfate 
reduction zone (Holler et al., 2009; Whiticar, 1999).  
As non-competitive substrates, both TMA and DMS(P) were relatively abundant 
in the sulfate-reducing sediments at M1 and M5. The fact that their concentrations 
decreased with depth, also implied that they could be potentially degraded and 
Chapter 3 
81 
metabolized by methylotrophic methanogens to produce methane. In particular for 
DMS(P), the progressive enrichment of 13C strongly suggested the microbial 
degradation of DMS(P), which also provided an avenue to estimate the contribution 
of DMS(P) for methane production. According to the carbon isotope mass balance, 
the relationship between isotope ratios and the fraction of the remaining substrates 
could be addressed by the following equation (Whiticar, 1999):  
δ13Csubstrate, t = δ13Csubstrate, i + ɛln f                                  (3.1) 
where δ13Csubstrate, t is the isotopic value of substrate (i.e., DMS) at time t, δ13Csubstrate, i 
is the initial isotope value of substrate, f is the fraction of initial substrate remaining at 
time t, and ɛ is the isotope fractionation factor. To estimate the maximum potential of 
DMS(P) for methane production, we assumed that the produced DMS during DMSP 
degradation were exclusively utilized by methanogens, and the isotopic values of 
DMS are identical to those of base-hydrolyzable DMS(P). As previous studies have 
reported the fractionation factor of 44-54‰ between DMS and methane during 
methanogenesis with cultures, we adapted an average value of 49‰ for calculations 
(Oremland et al., 1989; Whiticar, 1999). Taking the isotopic composition of DMS(P) 
at 1 cmbsf as the initial value, we could calculate that a maximum of 9% of DMS(P) 
could be utilized by methanogens to produce methane in the sulfate reduction zone. 
Accordingly, the generated methane from DMS(P) could be calculated with measured 
DMS(P) concentrations based on the following disproportionation reaction (Eq. 3.2, 
Garcia et al., 2000). 
2 (CH3)2S + 2 H2O → 3 CH4 + CO2 + 2H2S                 (3.2) 
By comparison, the generated methane from the decomposition of DMS(P) could 
account for 1% to 29% of methane in the sulfate reduction zone, although the present 
methane was a result of balance between production and consumption. 
Although DMS(P) did not entirely contribute to methane production from our 
calculations, the importance of methylotrophic methanogenesis should not be 
neglected in the sulfate reduction zone, if all methylated substrates, e.g., methanol, 
monomethylamine, dimethylamine were taken into account. Furthermore, molecular 
analysis demonstrated that the archaeal genus of Methanococcoides, which could 
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metabolize methylated compounds as sole substrates, dominated the methanogen 
populations at 20 cmbsf at M1 (Chen, unpublished data). Together these indications 
suggest methylated compounds could be important substrates for methylotrophic 
methanogens, and methylotrophic methanogenesis potentially occurred in the sulfate 
reduction zone. To fully understand the relative contribution of methylated 
compounds for total methane production, further constraints on methanogenic activity 





The simultaneous measurements of TMA and DMS(P) from marine sediments were 
accomplished with gas chromatographic approaches in combination with a purge and 
trap system for quantification or a headspace method for carbon isotope analysis. In 
sediment samples from the Aarhus Bay, TMA and DMS(P) were several orders of 
magnitude more abundant in the sediment than in the pore water, and the solid-phase 
content decreased with depth, indicating the microbial degradation of TMA and 
DMS(P) under anoxic conditions. The isotopes of TMA were strongly 13C-depleted 
(-38‰), indicating potential isotopic fractionation during the production of TMA 
from the precursors. The relatively constant TMA δ13C values with depth might 
suggest a large fraction of TMA was not available for mineralization due to the 
adsorption to sediment. In contrast, the progressive enrichment of 13C in DMS(P) with 
depth indicated the microbial degradation of DMS(P). Based on the isotope mass 
balance calculations, about 9% of DMS(P) could be utilized by methanogen to 
produce methane. Given the abundance of methylated compounds in marine sediment, 
their contributions for methane production and the importance of methylotrophic 
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4.1 Abstract  
 
Among Earth’s most extreme habitats, dark, deep and anoxic brines host unique 
microbial ecosystems that remain largely unexplored. As the terminal step of organic 
matter degradation, methanogenesis is a potentially significant but poorly constrained 
process supporting carbon cycling in deep-sea hypersaline environments. Here we 
integrated biogeochemical and phylogenetic analyses as well as incubation 
experiments to unravel the origin of methane in hypersaline sediments of Orca Basin 
in the northern Gulf of Mexico. Significant concentrations of methane (up to 1.4 mM) 
coexisted with high concentrations of sulfate (16-43 mM) in two sediment cores 
retrieved from the southern and northern sections of Orca Basin. Strong 13C-depletion 
(δ13CH4: -76.7 to -89.1‰) as well as high methane to ethane ratios (600-3000) 
pointed to a biological source of methane. While low concentrations of competitive 
substrates limited the significance of hydrogenotrophic and acetoclastic 
methanogenesis, the high abundance of non-competitive methylated substrates and 
their precursors (e.g., methanol, trimethylamine, dimethylsulfide, 
dimethylsulfoniopropionate) suggested that methane could be generated through 
methylotrophic methanogenesis in the hypersaline sediment of Orca Basin. The 
carbon isotope systematics of methylated substrates and methane supported 
methylotrophic methanogenesis as the dominant source of methane in Orca Basin 
sediments. Thermodynamic calculations demonstrated that hydrogenotrophic and 
acetoclastic methanogenesis were unlikely to occur under in situ conditions, while 
methylotrophic methanogenesis from methylated substrates was highly favorable. 
Stable isotope tracer and radiotracer experiments with 13C bicarbonate, acetate and 
methanol as well as 14C labeled methylamine indicated that methylotrophic 
methanogenesis was the predominant methanogenic pathway in Orca Basin sediment. 
Based on 16S rRNA gene sequences, halophilic methylotrophic methanogens of the 
genus Methanohalophilus dominated the benthic archaeal communities in the 
northern basin but also occurred in the southern basin. High abundances of 
methanogen lipid biomarkers such as intact polar and polyunsaturated archaeols and 
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hydroxyarchaeols were detected in sediments from the northern basin but were of 
lower abundance in sediments from the southern basin. Collectively, the availability 
of methylated substrates, thermodynamic calculations, experimentally determined 
methanogenic activity as well as gene and lipid biomarkers strongly suggested the 
occurrence and predominance of methylotrophic methanogenesis in Orca Basin 
sediment. Our findings elucidate the significance of methylotrophic methanogenesis 





Hypersaline environments, commonly defined as those with salinities exceeding 
50‰, are widespread on earth including coastal salt marshes and sabkhas, inland salt 
lakes as well as deep-sea brine pools (Boetius and Joye, 2009; McGenity, 2010). 
Among the most extreme habitats, dark and anoxic seafloor brine lakes have been 
discovered in the deep sea of the Gulf of Mexico, the Mediterranean Sea and the Red 
Sea, which are characterized by extremely high salinity, strong stratification, and 
steep geochemical gradients (Antunes et al., 2011; Joye et al., 2005). As halophiles 
are among the candidates for the earliest life forms on earth, studying the microbial 
ecology of brine ecosystems may yield insights into the origins, metabolisms and 
limits of (early) microbial life on earth and potentially other planets (Mancinelli et al., 
2004). Despite harsh conditions, a diversity of microorganisms involved in 
fundamental biogeochemical processes, e.g., cycling of methane and sulfur, 
potentially support microbial ecosystems in these chemically distinct habitats (Joye et 
al., 2009). In particular, biological production of methane has been proposed to play a 
key role in supporting carbon cycling in deep-sea brines and underlying sediments 
(Charlou et al., 2003; Lazar et al., 2011; van der Wielen et al., 2005).  
Microbial production of methane by methanogenic Archaea is the terminal step 
in the degradation of organic matter in anoxic environments. Methanogenic pathways 
are commonly classified with respect to the type of carbon source, i.e., CO2 reduction 
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by available hydrogen (hydrogenotrophic methanogenesis), acetate disproportionation 
(acetoclastic methanogenesis) and methanogenesis from methylated substrates, such 
as methanol, methylamines, and methyl sulfides (methylotrophic methanogenesis). 
Thermodynamically, methanogens are out-competed for hydrogen and acetate by 
sulfate reducers, and methane formation via these ‘competitive’ substrates is generally 
inhibited until sulfate is depleted. In the presence of sulfate, methanogens may 
circumvent competition by utilizing ‘non-competitive’ methylated substrates, as these 
are consumed exclusively or preferentially by methylotrophic methanogens 
(Oremland et al., 1982b). The stable carbon isotopic signature of methane has been 
extensively used in the past for identifying formation pathways of methane in the 
environment (Conrad, 2005; Whiticar, 1999; Whiticar et al., 1986). Presumably, 
thermogenic generation of methane at high temperatures yields methane with δ13C 
values >-50‰. In contrast, strong fractionation during biogenic methanogenesis leads 
to isotopically lighter methane, e.g., acetoclastic methanogenesis produces methane 
with δ13C values in the range of -70‰ to -50‰ while hydrogenotrophic 
methanogenesis yields δ13C values of -110‰ to -60‰ (Whiticar, 1999). Although 
little is known about the isotopic composition of methane derived from 
methylotrophic methanogenesis in the environment, large carbon isotope fractionation 
between methanol or trimethylamine and methane in pure cultures suggests that 
methane produced from these substrates is similarly depleted as that produced from 
acetoclastic or hydrogenotrophic methanogenesis (Londry et al., 2008; Penger et al., 
2012; Rosenfeld and Silverman, 1959; Summons et al., 1998). 
In hypersaline environments, methylotrophic methanogenesis is thought to be of 
greater importance because of the high concentrations of sulfate found in these 
environments and the abundance of potential methylated substrates and their 
precursors (McGenity, 2010). The methylated substrates could be derived from the 
decomposition of organic matter, such as methanol from lignin and pectin (Donnelly 
and Dagley, 1980; Schink and Zeikus, 1980). Methylamines and dimethyl sulfide 
(DMS) could be derived from the breakdown of osmolytes, e.g., glycine betaine and 
dimethylsulfoniopropionate (DMSP), which are ubiquitously synthesized by 
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phytoplankton or other microbes inhabiting hypersaline environments (Oren, 1990; 
Zhuang et al., 2011). As methanogens inhabiting hypersaline environments need to 
divert more energy for the biosynthesis or uptake of compatible solutes, 
methylotrophic methanogenesis might be more favorable than acetoclastic and 
hydrogenotrophic methanogenesis due to its higher energy yield (McGenity, 2010; 
Oren, 1999; Roberts, 2005). Although this hypothesis was proposed decades ago and 
supported by sparse in vitro methanogenic activity measurements and molecular 
analyses in hypersaline environments (Lazar et al., 2011; Orphan et al., 2008; Smith et 
al., 2008), to our knowledge, very limited information was available on the in situ 
abundance of methylated substrates, impeding our understanding of the relative 
importance of methylotrophic methanogenesis. In addition, geochemical and 
microbiological investigations of deep-sea brines mostly focused on the 
brine-seawater interface while benthic microbial communities and associated 
processes remain largely unconstrained. 
In this study, we sought to constrain methanogenic pathways by combining 
geochemical, physiological, and microbiological analyses of hypersaline sediments 
from Orca Basin, which contains the largest seafloor brine pool in the Gulf of Mexico 
covering approximately 200 km² (Pilcher and Blumstein, 2007). Natural abundances 
of major competitive and non-competitive substrates, stable carbon isotope 
compositions of methane and precursors, methanogenic activity with stable isotope 
tracers and radiotracers as well as methanogen lipid biomarkers and 16S rRNA genes 
were comprehensively characterized to decipher the origin of methane in Orca Basin. 
The relationships between available substrates, methanogenic activity and 
methanogen populations provided new insights into the relative importance of 
different methanogenic pathways in deep-marine hypersaline sediments, in particular 
from non-competitive substrates. 
 
4.3 Materials and methods  




Orca Basin is a 25 km long and 15 km wide depression on the continental slope 
of the northern Gulf of Mexico, hosting an anoxic hypersaline brine pool in the 
lowermost 200 m (Fig. 4.1; Shokes et al., 1977). Sediment samples were collected 
using a multicorer during expedition AT18-2 of the research vessel Atlantis, in 
November 2010. Three multicores (60 cm) were recovered from the southern 
sub-basin (MUC-6, N 26.9080°, W 91.3348°, water depth: 2432 m), the northern 
sub-basin (MUC-7, N 27.0000°, W 91.2832°, water depth: 2339 m), and a non-brine 
‘reference site’ (N 27.1235°, W 90.2878°, water depth: 2068 m) on the 
Louisiana-Texas continental slope, respectively (Fig. 4.1). Due to overpenetration of 
the multicore, depth below seafloor is unknown for the Orca Basin cores. Sediment 
cores were transferred to a 4 °C cold room after retrieval and sectioned at room 
temperature within 12 hours using a core extruder. Samples for C1-C6 hydrocarbon 
concentration and isotope analysis were taken by transferring 5 mL sediment with a 
cut-off syringe into a 30 mL serum vial containing 2 mL of 1 M NaOH, crimp-capped 
immediately, and stored at room temperature before analysis. For hydrogen analysis, 2 
mL of sediment was sampled using a cut-off syringe, transferred to helium purged 10 
mL headspace vials and crimp-capped. The samples were stored and equilibrated for 
96 h at in situ temperature (5 °C) before analysis. Sediment samples for intact polar 
lipids, trimethylamine (TMA) and DMSP in the solid phase were stored at -20 °C. 
Sediment samples for DNA extraction were stored at -80 °C. Pore water was extracted 
from sediments by centrifugation at 5000 rpm for 20 min. Pore water samples for 
dissolved inorganic carbon (DIC), volatile fatty acids, alcohols, DMS, TMA were 
stored at -20 °C. Samples for sulfate analysis were prepared by adding 50 µL of 50% 
HCl to 1 mL of pore water, bubbled with N2 for three minutes and stored at 4 °C. 
Samples for chloride analysis were preserved by adding 100 µL of HNO3 to 1.5 mL 
of pore water. The residual sediments from pore water extraction were collected for 
determination of the content and stable isotopic composition of total organic carbon 
(TOC). Live sediments for incubation experiments were taken from a parallel 
multicore sectioned into three 20 cm intervals, transferred to glass bottles, flushed 





Fig. 4.1 Location of Orca Basin and the reference site in the northern Gulf of Mexico (a) and 
bathymetric map of Orca Basin (b, 20 m horizontal resolution, based on multibeam data acquired 
during RV Atlantis expedition 18-2) showing multicorer sampling locations in the southern and 
northern sub-basins. 
 
4.3.2 Biogeochemical analyses 
 
Salinity of pore water was analyzed with a handheld refractometer (Atago, Co. 
LTD., Japan) after dilution. Samples for determination of dissolved hydrocarbon 
concentrations were prepared by adding 5 mL sediment and 2 mL of 1 M NaOH into a 
30 mL serum vial. Vials were sealed with butyl rubber stoppers, crimp-capped, shaken 
to dissolve sediment and stored upside down at room temperature for 24 hours until 
measurement. Concentrations of C1-C6 hydrocarbons were determined by injecting l 
mL headspace gas into a SRI 8610C gas chromatograph (SRI Instruments, USA) 
equipped with a flame ionization detector (FID). Methane and other hydrocarbons 
were separated on a Hayes-Sep-D packed column (2m) using a temperature program 
from 91 °C (hold for 1.8 min) to 200 °C (hold for 3 min) with 25 °C min-1 (Joye et al., 
2011). Concentrations were calculated by comparison to a certified mixed alkane 
standard (Scott Specialty Gases). The analytical precision determined from replicate 
measurements was better than 1.2%. Analysis of δ13C values of methane was 
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performed on a gas chromatography combustion isotope ratio mass spectrometry 
(GC-C-IRMS) system combining a ThermoFinnigan Trace GC Ultra with a DELTA 
Plus XP mass spectrometer via a ThermoFinnigan GC Combustion III interface. 
Methane was separated isothermally at 40 °C for 8 min on a Carboxen-1006 PLOT 
fused-silica capillary column (0.32 mm × 30 m; Supelco, Inc., USA) with a constant 
helium flow of 3 mL min-1 (Ertefai et al., 2010). Sulfide was quantified using a 
spectrophotometer (Cline, 1969). Chloride concentrations of diluted pore water 
samples were quantified using a Dionex DX5000 ion chromatograph (Joye et al., 
2004; Joye et al., 2010). Sulfate concentrations of diluted pore water samples were 
measured on the same system after filtration through an OnGuard II Ag/H matrix ion 
resin cartridge. Headspace hydrogen concentrations were measured after 4 days of 
incubation at 5 °C on a Peak Performer 1 Reduced Gas Analyzer equipped with a 
mercury oxide detector (Peak Laboratories, USA) (Hoehler et al., 1998; Lin et al., 
2012). Pore water hydrogen concentrations were calculated from headspace 
concentrations and the solubility constant for H2 corrected for temperature and 
salinity (Crozier and Yamamoto, 1974) as described by Lin et al. (2012). DIC 
concentration and carbon isotopic composition was measured by injecting 1 mL 
headspace gas after acidification of pore water with 0.2 mL of 0.1 mol L-1 phosphoric 
acid (H3PO4) into a gas chromatography isotope ratio mass spectrometry consisting of 
a Hewlett-Packard 5890 GC equipped with a 6 m Poroplot Q column held at 35 °C 
and a Finnigan Mat DELTA S IRMS. Concentrations and carbon isotopic 
compositions of volatile fatty acids in the pore water were analyzed by using a liquid 
chromatography-isotope ratio mass spectrometry system, which consisted of a 
ThermoFinnigan Surveyor high performance liquid chromatography (HPLC) 
equipped with a VA Nucleogel Sugar 810-H column (300 × 7.8 mm; Macherey-Nagel, 
Germany) and a guard column of the same material linked to a DELTA Plus XP IRMS 
via a ThermoFinnigan LC Isolink interface (Heuer et al., 2006). Methanol in pore 
water was determined by a laboratory-built purge and trap pretreatment system 
connected to a Hewlett-Packard GC 5890 series II with an FID and Alltech Heliflex® 
AT-Q capillary column (30 m × 0.32 mm I.D.; Alltech Associates, Inc., Deerfield, US) 
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(Zhuang et al., 2014). Dissolved pool of DMS and DMSP (DMS(P)d thereafter), and 
dissolved TMA in the pore water, and total base-hydrolyzable DMS and DMSP 
(DMS(P)t thereafter) and base-extractable TMA in the sediment were released by the 
addition of NaOH, preconcentrated with a purge and trap procedure, and analyzed on 
a Trace GC 2000 (Thermo Finnigan, Milan, Italy) coupled to a DSQ II MS (Thermo 
Finnigan, Texas, USA) with a Rtx®-Volatile Amine Column (30 m × 0.32 mm I.D., 
Restek GmbH, Homburg, Germany). The detection limit for DMS and TMA was 0.1 
nM and 20 nM respectively. Stable carbon isotopic ratios of sediment-extracted TMA 
and DMSP were analyzed using a GC-C-IRMS system combining a ThermoFinnigan 
Trace GC Ultra with a DELTA Plus XP mass spectrometer via a ThermoFinnigan GC 
Combustion III interface. In brief, ~5 g sediment was placed in a 10-mL glass vial to 
which 1 mL of a 5 M NaOH was added and sealed immediately with a butyl stopper. 
After heating at 60 °C for 10 min, 800 μL gas samples were taken from the headspace 
for GC-C-IRMS analysis. Determination of TOC and δ13CTOC were conducted on 
pre-weighed, freeze-dried, decarbonatized sediment (corrected for weight of 
precipitated salts) using a ThermoScientific Flash 2000 elemental analyzer coupled to 
a ThermoScientific DELTA V Plus IRMS via a ThermoScientific ConFlo IV interface.  
 
4.3.3 Stable isotope tracer experiment and radiotracer methanogenic activity 
measurements  
 
Methanogenic activity in Orca Basin sediments was independently assessed at 
the University of Bremen using stable isotope tracers and at the University of Georgia, 
Athens, using radioactive tracers. 
The potential of different substrates to support methanogenesis in Orca Basin 
sediments was assessed in slurry incubations with 20% 13C-labeled substrates 
(bicarbonate, acetate, methanol), representing key substrates for three typical 
methanogenic pathways. Slurries were prepared in a glove box under a reducing 
atmosphere (N2:H2, 97:3) from 1:1 sediment and anoxic artificial brine medium 
(major ion composition based on Schijf, 2007). Five different combinations of three 
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labeled substrates and headspace gases were amended to sediment from the southern 
basin (MUC-6, 0-20 cm), the northern basin (MUC-7, 0-20 cm), a non-brine reference 
site as a positive control, and sterilized samples (autoclaved prior to substrate 
amendment) as a negative control. Substrate/headspace gas combinations included 1) 
30 mM bicarbonate with a headspace of 80% H2 and 20% CO2, 2) 30 mM bicarbonate 
with a headspace of 97% N2 and 3% H2, 3) 800 µM acetate with a headspace of N2, 4) 
500 μM methanol with a headspace of N2, 5) no substrate with a headspace of N2. All 
samples were incubated for 181 days in a water bath in the dark at 30 °C and were 
constantly, gently agitated. Production of methane from the 13C-labeled substrates was 
determined by monitoring the stable carbon isotope composition of methane in the 
headspace at nine time points. The samples were stored by injecting 1.5 mL gas to 
replace a pH 1 to 2 saturated NaCl solution (pH adjusted by 1 M HCl) in a fully filled 
10 mL headspace vial. The samples were placed upside down and stored at 4 °C until 
processing. Methane production rates were calculated from methane concentrations 
(Cmethane), the increases of the fractions of 13C in methane (ΔF13Cmethane) over time (t), 
and the fractions of 13C in the amended substrates (e.g., F13Cmethanol= 0.2) (Eq. 4.1; cf. 
Wegener et. al, 2012): 
Methane production rate = Cmethane × ΔF13CmethaneF13Csubstrate × t                       (4.1) 
The fractions of F13C in methane and substrates were calculated from the isotope 
ratios F13C = R13C/12C/(R13C/12C + 1), where R was the ratio of 13C and 12C.  
Methanogenesis rate measurements were conducted through radiotracer 
experiments with 14C-labeled substrates on sediment from the northern basin, using a 
method described previously (Bowles et al., 2011). Briefly, intact sediment samples 
were introduced into a modified Hungate tube, and injected with different radiotracers 
(14C-bicarbonate, 14C-acetate, 14C-methylamine). After 120 h of incubation at 15 °C, 
microbial activities were terminated by injecting 2.5 mL 2 M NaOH into the samples 
through a syringe and needle, and headspace was created by dragging the plunger to 
the base of the Hungate tube. 14C-methane from the headspace was stripped out with 
air, purified from volatile 14C-labeled non-methane components such as 14CO2, 
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14C-acetate, 14C-methylamine and 14C-methanol in series of traps and combusted in 
Ni-Ti alloy tubing filled with CuO needles at 800 °C. 14C-CO2 formed from 
14C-methane was trapped in ScintiSafe Gel cocktail mixed with Carbosorb E (5:1 ratio) 
and counted on a LS Beckman 6500 liquid scintillation counter. Methanogenesis rates 
from methylamine were expressed as turnover rate as the pore water concentrations 
were unknown. 
 
4.3.4 Intact polar and core lipid analysis  
 
 Wet sediment samples were amended with an internal standard (C21-PC, Avanti 
Polar Lipids Inc., Alabaster, AL, USA) prior to solvent extraction using a modified 
Bligh & Dyer protocol (Bligh and Dyer, 1959) after Sturt et al. (2004). The total lipid 
extract (TLE) was dried under a stream of N2 and stored at -20 °C until measurement. 
Intact polar and core lipids were quantified by injecting an aliquot of the TLE 
dissolved in methanol:dichloromethane (9:1, v:v) on a Dionex Ultimate 3000 HPLC 
system connected to a Bruker maXis Ultra-High Resolution quadrupole time-of-flight 
tandem mass spectrometer (qTOF-MS) equipped with an ESI ion source operating in 
positive mode (Bruker Daltonik, Bremen, Germany). The mass spectrometer was set 
to a resolving power of 27000 at m/z 1222 and every analysis was mass-calibrated by 
loop injections of a calibration standard and correction by lock mass, leading to a 
mass accuracy of better than 1-3 ppm. Ion source and other MS parameters were 
optimized by infusion of standards into the eluent flow from the LC system using a 
T-piece. 
Analyte separation was achieved using reversed phase HPLC on an Acquity 
UPLC BEH C18 column (1.7 µm, 2.1 x 150 mm, Waters, Eschborn, Germany) 
maintained at 65 °C as described by Wörmer et al. (2013). In brief, analytes were 
eluted at a flow rate of 0.4 ml min-1 using linear gradients of methanol:water (85:15, 
eluent A) to methanol:isopropanol (50:50, eluent B) both with 0.04% formic acid and 
0.1% NH3. The initial condition was 100% A held for 2 min, followed by a gradient to 
15% B in 0.1 min and a gradient to 85% B in 18 min. The column was then flushed 
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with 100% B for 8 min. 
Lipids were identified by retention time as well as by accurate molecular mass 
and isotope pattern match of proposed sum formulas in full scan mode as well as MS2 
fragment spectra. Integration of peaks was performed on extracted ion chromatograms 
of ±10 mDa width and included the [M+H]+, [M+NH4]+, and [M+Na]+ ions. Where 
applicable, double charged ions were included in the integration. Lipid abundances 
were corrected by the relative response of representative archaeal lipid standards 
versus the internal standard determined via an external calibration curve (cf. Elling et 
al., 2014). The abundances of glycerol dibiphytanyl glycerol tetraethers (GDGTs), 
hydroxy GDGTs (OH-GDGTs) and glycerol dialkanol diethers (GDDs) were 
corrected for the response factor of purified acyclic GDGT. The abundances of 
archaeol (AR) and hydroxyarchaeol (OH-AR) and their unsaturated derivatives were 
corrected for the response of purified AR. Similarly, the abundances of intact polar 
lipids were corrected for the response factors of purified monoglycosidic archaeol 
(1G-AR), diglycosidic archaeol (for 2G-AR, phosphoinositol-AR (PI-AR), 
2G-OH-AR, PI-OH-AR, and glycosyl-phosphatidylglycerol-AR (G-PG-OH-AR)), 
acyclic 1G-GDGT (for 1G- and 1G-OH-GDGTs), 2G-GDGT (for 2G- and 
2G-OH-GDGTs) and 1G-PG-GDGT (for HPH-GDGTs). 
 
4.3.5 Molecular analysis 
 
 DNA was extracted with the MOBIO (Carlsbad, CA) PowerSoil kit following 
the manufacturer’s protocol. Prior to extraction, samples were centrifuged at 
maximum speed (16000 x g) for 5 minutes and overlying liquid decanted. The 
archaeal 16S rRNA gene was amplified with Speedstar DNA polymerase (Takara) 
using universal primers B8f (Huber et al., 2002) and 1492r (Teske et al., 2002) and 
the manufacturers recommended concentration for the buffer, dNTPs and tap 
polymerase. Amplification was performed in a thermal cycler (iCycler, Biorad) under 
the following conditions: initial denaturation at 95 °C for 4 minutes, 25 cycles of 
95 °C for 10 seconds, 52 °C for 15 seconds and 72 °C for 20 seconds, a final 
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extension of 72 °C for 10 minutes. PCR products were electrophoresed on a 1% 
agarose gel and visualized with ultraviolet light after staining with GelRed (Biotium). 
PCR products were purified with the Qiagen PCR purification kit.Clone libraries were 
constructed from PCR products with the TOPO TA Cloning Kit and TOP10 
chemically competent cells (Invitrogen, Carlsbad, CA) according to the 
manufacturer’s instructions. Individual white colonies were arbitrarily picked and sent 
to Genewiz (South Plainfield, NJ) for Sanger sequencing using vector primers M13 F 
and M13 R. DNA alignments and sequence-associated taxonomic assignments were 
determined using the SILVA 111 small subunit rRNA database (Pruesse et al., 2012; 
Quast et al., 2012) and the ARB phylogenetic and sequence analysis program (Ludwig 
et al., 2004). 
 
4.3.6 Thermodynamic calculations  
 
The Gibbs free energy per mole of reaction under in situ conditions was 
calculated for different metabolic pathways (Table 4.1). Standard-state free energy 
yields (ΔGo) were calculated and corrected for temperature with Gibbs functions, ΔGo 
= ΔHo – TΔSo (Stumm and Morgan, 1981), using thermodynamic data of products and 
reactants from Wagman et al. (1982). The activity of SO42-, HCO3-, HS-, and NH4+ 
was computed through the input of major ions (Ca2+, Mg2+, Na+, K+, Cl-, dissolved 
inorganic carbon, SO42-, NH4+ and HS-) (Schijf, 2007) at in situ pH and temperature 
with Visual MINTEQ version 3.0, using the specific ion interaction theory activity 










Table 4.1 Reactions and standard Gibbs free energies at 5 °C. 
Reaction ΔGo (kJ mol-1 reaction) 
Hydrogen-based methanogenesis -229.9 
4H2, aq + HCO3- + H+→ CH4, aq + 3H2O  
Hydrogen-based sulfate reduction -298.6 
4H2, aq + SO42- + 2H+ → H2S + 4H2O  
Acetate-based methanogenesis -13.9 
CH3COO- + H2O → CH4, aq + HCO3-  
Acetate-based sulfate reduction -82.7 
CH3COO- + SO42- + H+ → H2S + 2HCO3-  
Methanol-based methanogenesis -224.5 
4CH3OH → 3CH4, aq + HCO3- + H+ + H2O  
Dimethylsulfide-based methanogenesis -45.9 
2(CH3)2S + 3H2O → 3CH4, aq + HCO3- + 2H2S + H+  
Trimethylamine-based methanogenesis -401.7 
4(CH3)3NH+ + 9H2O → 9CH4, aq + 3HCO3- + 4NH4+ + 3H+  
Anaerobic oxidation of methane  
CH4, aq + 3H2O + 4H2, aq → HCO3- + H+ 
-229.9 
Homoacetogenesis -215.9 
4H2, aq + 2HCO3- + H+→ CH3COO- +4H2O  
 
4.4 Results and discussion 
4.4.1 Geochemistry of Orca Basin sediments 
  
Pore water salinities varied slightly between 261 and 273‰ in the southern basin 
(Fig. 4.2a-A) and decreased with depth from 255‰ to 222‰ in the northern basin 
(Fig. 4.2b-A). Such high salinities limit the active microbial community to extremely 
halophilic bacteria and archaea that are defined to thrive at salinities over 180‰ 
(Oren, 2008). The average concentration of chloride in the pore waters from the 
southern basin was 5134 mM (Fig. 4.2a-A), about eight times higher than at the 
reference site (550 mM, Fig. 4.4-A). In the northern basin, chloride concentrations 
were slightly lower, with an average value of 4453 mM between 32.5 and 52.5 cm 
(Fig. 4.2a-A). The difference in salinity and chloride concentrations might be related 
to spatial variations in the composition of the Orca Basin brine. Given the greater 
depth in the southern basin (2480 m), a higher salinity layer could be present to fill 




Fig. 4.2 Depth profiles of geochemical parameters A) salinity and chloride, B) sulfate and sulfide, 
C) TOC and δ13C-TOC, D) methane and ethane, E) δ13C-CH4 in pore water and sediments from (a) 
southern and (b) northern Orca Basin. 
 
Pore water sulfate concentrations varied between 38 and 43 mM in the southern 
basin (Fig. 4.2a-B). In contrast, sulfate declined with sediment depth from 30 mM to 
16 mM in the northern basin concurrent with the appearance of low amounts of 
sulfide (Fig. 4.2b-B), potentially indicating the occurrence of sulfate reduction at 
these depths. In Orca Basin, sulfide production from sulfate reduction might be 
masked by precipitation of sulfide with abundant reduced iron and metastable iron 
sulfides (Wiesenburg et al., 1985). The TOC content of the sediment in the southern 
(average of 3.7%, Fig. 4.2a-C) and northern basin (average of 5.3%; Fig. 4.2b-C) was 
much higher than at the reference site (average of 0.6%, Fig. 4.4-C). The average δ13C 
values of TOC (-21.4‰ and -22.0‰) suggested a mixed terrestrial and marine 
planktonic source of organic matter (Fig. 4.2a, b-C). The high TOC content in Orca 
Basin sediments likely reflects a combination of high terrigenous and surface 
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productivity-derived input and enhanced preservation (Kennicutt et al., 1992; 
Northam et al., 1981).  
Despite the presence of sulfate, considerable methane concentrations were 
observed in Orca Basin sediment. Methane accumulated in the upper 25 cm of the 
southern basin sediments (~800 μM), dropped markedly to 3 μM at 35 cm, and varied 
slightly between 0.5 μM and 3 μM below 35 cm (Fig. 4.2a-D). Methane was depleted 
in 13C within a narrow range of -75.5 to -76.7‰ throughout the core (Fig. 4.2a-E). In 
the northern basin, methane was more abundant and fluctuated between 300 and 1300 
µM (Fig. 4.2b-D). The δ13C values of methane was -89.6‰ at 2.5 cm, became 
progressively less depleted with increasing depth, and reached a minimum of -83.1‰ 
near the base of the core (57.5 cm; Fig. 4.2b-E). In other deep-sea brine pools, 
methane has been assumed to originate from biogenic, thermogenic, or mixed 
biogenic and thermogenic sources (Charlou et al., 2003; Joye et al., 2005). Charlou 
and colleagues (2003) reported that CH4 was microbially produced in brine overlying 
mud volcanoes of the eastern Mediterranean Sea, with indications from δ13C values of 
methane (-65.6‰) and methane to ethane ratios higher than 1000. In contrast, high 
δ13C values of methane (-30 to 40‰) and low methane to ethane ratios (~57) in the 
Red Sea brine pools might indicate a thermogenic origin of methane (Faber et al., 
1998). Joye et al. (2005) suggested a mixed thermogenic and biogenic source of 
hydrocarbon gases in Gulf of Mexico seafloor brines based on the predominance of 
methane (> 98%) and intermediate δ13C values of methane (-66‰ to -60‰). 
Although biogenic methane is generally characterized by strongly negative δ13C 
values (<< -50‰), it has been demonstrated that methane with relatively enriched 
δ13C values (~ -40‰) was biologically produced in hypersaline ponds, as substrate 
limitation was decreasing isotopic fractionation during methanogenesis (Kelley et al., 
2012). By comparison, the strongly depleted δ13C values of methane in Orca Basin 
(-77‰ to -89‰) are strongly indicative of microbial methanogenesis. A biogenic 
origin of methane is further supported by low ethane concentrations (mostly <1 μM; 
Fig. 4.2a, b-D) and methane to ethane ratios in the range of 600-3000. In contrast to 
the brine pool, methane concentrations were very low in the sulfate-bearing sediment 
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at the reference site (mostly <1 μM; Fig. 4.4-B). Methanogenesis from hydrogen and 
acetate is likely to be inhibited due to competition for these substrates with sulfate 
reducers. In contrast, the coexistence of substantial amounts of biological methane 
with sulfate at both brine sites might result from methanogenesis from 
non-competitive substrates. Furthermore, as high salinity favors methanogenesis from 
non-competitive substrates such as methanol, DMS, and TMA, it could be expected 
that methylotrophic methanogenesis drives methane production in the hypersaline 
sediment of Orca Basin. Under the assumption that substrate limitation leads to 
13C-enriched methane (Kelley et al., 2012), the depletion of methane isotope in the 
Orca Basin may reflect the availability of substrates for methanogenesis. 
 
4.4.2 Potential methanogenic substrates in Orca Basin  
 
To further constrain the source of methane in Orca Basin, potential 
methanogenic precursors including competitive substrates, i.e., hydrogen and acetate 
as well as non-competitive substrates, e.g., methanol, DMS, TMA, and DMSP, were 
quantified in pore waters and sediments.  
Hydrogen concentrations were uniformly low in the sediment of the southern and 
northern basins (~0.25 nM; Fig. 4.3a, b-A), which was lower by three orders of 
magnitude than values reported for shallow seafloor brines in the Gulf of Mexico 
(Joye et al., 2009). In marine sediments, low H2 concentrations may be sustained by 
close coupling of microbial H2 production and consumption via interspecies hydrogen 
transfer in syntrophic relationships (Lin et al., 2012). The thermodynamic threshold 
concentrations of H2 depend on the redox potential of the respective anaerobic 
respiration pathway, following the sequence of nitrate reduction < iron and 
manganese reduction < sulfate reduction < methanogenesis < homoacetogenesis (Lin 
et al., 2012). Presumably, H2 concentrations in Orca Basin sediment might be 
maintained below the respective thresholds by sulfate reducers, thereby 
thermodynamically inhibiting hydrogenotrophic methanogenesis and 




Fig. 4.3 Depth profiles of potential methanogenic substrates A) hydrogen, B) DIC and δ13C-DIC, 
C) methanol, D) base-extractable TMA and δ13C-TMA, E) dissolved DMS(P)d, F) 
base-hydrolyzable DMS(P)t and δ13C-DMS(P) in pore water and sediments from the (a) southern 
and (b) northern Orca Basin. 
 
DIC concentrations were generally lower than 10 mM with δ13C values of ~ -20‰ 
(Fig. 4.3a, b-B), indicating the source from organic matter remineralization 
(δ13C-TOC ~ -22‰). Acetate and other volatile fatty acids were below the detection 
limit (~ 3-5 µM; Heuer et al., 2006) both in the southern and northern basin. Contrary 
to previous studies that demonstrated high concentrations of acetate and consequent 
methanogenesis in brines and underlying sediments in the Gulf of Mexico and the 
Mediterranean Sea (Joye et al., 2009; Lazar et al., 2011), the absence of acetate 
marginalized the role of acetoclastic methanogenesis in Orca Basin. Furthermore, the 
highly depleted δ13C value of methane (-77 to -89‰) might rule out acetoclastic 
methanogenesis as the major source of methane in Orca Basin. Carbon isotopic 
fractionation during acetoclastic methanogenesis has been shown to be in the range 
from -35‰ to -7‰ in pure cultures (Krzycki et al., 1987; Penning et al., 2006; 
Valentine et al., 2004). Fermentation of organic matter would supposedly yield 
acetate with a δ13C signature close to that of TOC (~-22‰) and could therefore not 
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explain the strong 13C-depletion of methane. Alternatively, acetate may be derived 
from homoacetogenesis utilizing H2 and CO2 (δ13C-DIC ~-20‰), which results in 
strong carbon isotope fractionation in the range of -50 to -60‰ (Gelwicks et al., 1989). 
Therefore, methanogenesis from homoacetogenic acetate could theoretically yield 
δ13C signatures similar to those observed in Orca Basin sediments. At the low 
hydrogen concentrations in Orca Basin however, both sulfate reducers and 
methanogens would likely out-compete homoacetogens (Lin et al., 2012), rendering a 
scenario of methanogenesis from 13C-depleted acetate unlikely.  
As hydrogen and acetate are unlikely substrates for methanogenesis in Orca 
Basin, we investigated the availability of several methylated substrates. Methanol was 
relatively abundant in the southern basin, with an average concentration of 6.5 μM 
(Fig. 4.3a-C). In the northern basin, methanol concentrations were lower (~1 μM), 
with an exception of 3.7 μM at the sediment surface (2.5 cm) (Fig. 4.3b-C). The 
presence of methanol in the southern and northern basins implied an in situ imbalance 
of methanol production and consumption. Known sources of methanol include 
fermentation of lignin and pectin, e.g., fermentative bacteria such as Haloanaerobium 
praevalens were found to be involved in pectinolytic activity in hypersaline 
environments (Ollivier et al., 1994). The utilization of methanol by methanogens has 
been documented in Big Soda Lake, Nevada, a moderately hypersaline lake 
(Oremland et al., 1982a), as well as the extremely hypersaline Dead Sea 
(Marvin-DiPasquale et al., 1999). Thus, methanogenesis from methanol seems 
feasible for Orca Basin, which is further supported by incubation experiments (section 
4.4.4).  
Dissolved TMA was only detectable in the pore water at 2.5 cm (southern basin: 
48 nM; northern basin: 41 nM; detection limit: 20 nM), whereas the total 
base-extractable TMA in the sediment was much more abundant in both the southern 
(3.4-7.0 μmol kg-1, Fig. 4.3a-D) and northern basin (2.2-5.5 μmol kg-1, Fig. 4.3b-D). 
By comparison, TMA concentrations in the sediment at the reference site were 
generally lower by a factor of three (0.8-2.3 μmol kg-1, Fig. 4.4-D). In hypersaline 
environments, abundant TMA might be derived from the breakdown of compounds 
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such as glycine betaine that are biosynthesized as compatible solutes by halophilic 
microorganisms (Oren, 1990). Zhilina and Zavarzin (1990) isolated a halophilic 
homoacetogen from cyanobacterial mats of Sivash (Crimea) that produced 
methylamines and acetate from glycine betaine. Although TMA has been proposed as 
a central intermediate for methanogenesis in hypersaline environments owing to the 
ubiquity of precursor compounds (McGenity, 2010), this assumption lacks direct 
evidence from in situ abundance measurements, especially in deep-sea hypersaline 
sediments. The observation of elevated TMA concentrations in Orca Basin sediments 
highlights the importance of this low molecular weight metabolite in hypersaline 
environments. The pore water concentrations of the dissolved pool of DMS and 
DMSP (DMS(P)d) were only in the lower nanomolar range (~1.9 nM in the southern 
basin and ~1.4 nM in the northern basin, Fig. 4.3a, b-E) which may be attributed to 
the rapid turnover of this labile compound (Kiene and Capone, 1988). The total 
base-hydrolyzable DMSP (DMS(P)t) including DMS, dissolved and particulate 
DMSP were three orders of magnitude higher than those of DMS(P)d in the pore 
water of the southern and northern basins, with an average of 8.5 and 5.4 μmol kg-1, 
respectively (Fig. 4.3a, b-F). Analogous to TMA precursors, DMSP acts as an 
osmolyte in a wide variety of marine phytoplankton (Keller et al., 1989; Zhuang et al., 
2011). Sedimentary DMSP might be derived from phytoplankton biomass exported 
from the overlying water column, which was reflected by an overall decrease in 
abundance with depth. The concentrations of DMS(P)t in the hypersaline sediments 
were about twice those in the reference site (3.3 μmol kg-1, Fig. 4.4-E), indicating 
increased preservation of organic matter from marine surface production in the brine 
pool. It has been demonstrated that DMSP and its decomposition products such as 
DMS and methanethiol could significantly stimulate methane production in a variety 
of anoxic environments including hypersaline sediments (Kiene et al., 1986; van der 
Maarel and Hansen, 1997). In addition to being a precursor of non-competitive 
substrates, DMSP could be degraded to other methanogenic substrates such as 
low-molecular-weight fatty acids, e.g., acrylate, propionate, and acetate (Kiene and 
Taylor, 1988). Collectively, the high abundance of precursor molecules in the 
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sediments would facilitate methanogenesis from methylated substrates in Orca Basin.  
 
 
Fig. 4.4 Depth profiles of geochemical parameters and methylated substrates A) salinity and 
chloride, B) methane and sulfate, C) TOC and δ13C-TOC, D) methanol and base-extractable TMA, 
E) dissolved DMS(P)d and base-hydrolyzable DMS(P)t in the pore water and sediments from the 
reference site. 
 
Further evidence for methylotrophic methanogenesis in Orca Basin sediment 
could be inferred from δ13C systematics of methane and potential precursors. The 
δ13C value of base-extractable TMA in the sediment was on average -36.5‰ in the 
southern and northern basin (Fig. 4.3a, b-D). Based on pure culture studies, utilization 
of TMA should yield methane δ13C values in the range of 39-71‰ more depleted than 
the substrates (Londry et al., 2008; Summons et al., 1998; Whiticar, 1999). Thus δ13C 
values of TMA-derived methane in Orca Basin sediments should range between -75.5 
and -106.5‰. The δ13C signature of DMS evolved from base-hydrolysis of DMSP 
was between -15.6 and -14.1‰ (Fig. 4.3a, b-F) and became progressively depleted 
with depth, indicating preferential utilization of 12C during microbial degradation of 
DMSP. Assuming a fractionation factor of 44-54‰, δ13C values of DMS-derived 
methane should range between -59 and -69‰ (Oremland et al., 1989; Whiticar, 1999). 
Methanogenesis from methanol would yield methane with δ13C values of -84 to -104‰ 
assuming δ13C of TOC (-21‰) as a proxy for δ13C of methanol (Krzycki et al., 1987; 
Londry et al., 2008; Oremland et al., 1989; Whiticar, 1999). In sum, the δ13C values 
of methane of -77 ‰ to -89 ‰ in Orca Basin sediments are in the expected range for 
methylotrophic methanogenesis utilizing predominantly TMA and methanol and to a 
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lesser extent DMS and DMSP. Therefore, methanogenesis in Orca Basin is likely to a 
substantial degree fueled by non-competitive methylated substrates. 
 
4.4.3 Thermodynamic calculations  
 
Owing to the low hydrogen concentrations, free energy yields of 
hydrogenotrophic methanogenesis could not meet the biological energy quantum for 
life sustainment (-15 kJ mol-1, Hoehler, 2004; Schink and Stams, 2006) in sediments 
from southern and northern Orca Basin under in situ conditions (southern: ΔG: -14 to 
14 kJ mol-1; northern: ΔG: 8 to 13 kJ mol-1; Fig 4.5a, b). The threshold for 
acetoclastic methanogenesis was slightly exceeded below 12.5 cm in the northern 
basin (ΔG: -14 to -19 kJ mol-1, Fig. 4.5b), and methanogenesis from acetate was also 
feasible in the southern basin (ΔG: -18 to -35 kJ mol-1, Fig. 4.5a), assuming acetate 
concentrations of 5 μM (limit of detection). Nevertheless, sulfate reduction with both 
hydrogen and acetate was energetically more favorable in the northern (ΔG: -48 to -56 
kJ mol-1) and southern basin (ΔG: -57 to -65 kJ mol-1), indicating thermodynamic 
inhibition of hydrogenotrophic and acetoclastic methanogenesis in Orca Basin. In 
contrast, methanogenesis from methanol could have high energy yields in the 
southern (ΔG: -210 to -272 kJ mol-1, Fig. 4.5a) and northern Orca Basin (ΔG: -188 to 
-209 kJ mol-1, Fig. 4.5b). Likewise, methane production from DMS under in situ 
conditions was a highly exergonic process at both the northern and southern basin 
(Fig. 4.5a, b). High in situ energy yields of TMA-driven methanogenesis (< -600 kJ 
mol-1) in the southern and northern basin (Fig. 4.5a, b) reflected the importance of 
TMA as a key metabolic intermediate in hypersaline environments. Theoretically, 
sulfate reduction coupled with the metabolism of methylated substrates could provide 
more energy than methylotrophic methanogenesis, but it has been demonstrated that 
sulfate-reducing bacteria generally do not use these non-competitive substrates 
(Oremland and Polcin, 1982). Indeed, only very few known sulfate-reducing bacteria 
are capable of using methanol as their sole carbon substrate (Braun and Stolp, 1985), 
and no sulfate-reducing bacteria have been isolated yet which can grow on 
Chapter 4 
111 
methylamines. In addition to methanogenesis, anaerobic oxidation of methane (AOM) 
might be expected to occur in the sediments due to the presence of abundant methane 
and sulfate. Methane oxidation to bicarbonate and hydrogen sulfide was 
thermodynamically unfavorable in the northern basin (ΔG: > -15 kJ mol-1), but could 
potentially occur in the southern basin (ΔG: -43 to -64 kJ mol-1). Homoacetogensis 
from H2/CO2 was energetically unfeasible in both southern and northern Orca Basin. 
 
 
Fig. 4.5 Depth profiles of Gibbs free energy (ΔG) yield in the (a) southern and (b) northern Orca 
Basin. H-MOG: hydrogen-based methanogenesis; Ac-MOG: acetate-based methanogenesis, we 
used 5 μM where acetate concentrations below the detection limit; TMA-MOG: TMA-based 
methanogenesis, we used 20 nM where TMA concentrations were below the detection limit; 
DMS-MOG: DMS-based methanogenesis; Methanol-MOG: methanol-based methanogenesis; 
H-SR: hydrogen-based sulfate reduction, sulfide was assumed as 10 μM; Ac-SR: acetate-based 
sulfate reduction. The dashed line indicates the minimum biological energy quantum for life 




As halophiles need to divert energy for the maintenance of their osmotic 
equilibrium via the biosynthesis or uptake of organic compatible solutes and active 
ion pumping, high energy gains from methylotrophic methanogenesis could facilitate 
the survival of extremely halophilic methanogens in Orca Basin. A 
substrate-dependence of the upper salinity limit of methanogens was also observed in 
pure cultures, where methylamines facilitated growth to higher salinities (salinity: 270) 
than hydrogen and carbon dioxide (salinity: 120) as well as acetate (salinity: 40) 
(Oren, 1999). Environmental studies have demonstrated that these salinities should 
not be considered as the upper limit of activity in situ, e.g., acetoclastic 
methanogenesis has been detected in seafloor brines in the Gulf of Mexico at 
salinities exceeding 100 (Joye et al., 2009), but may rather reflect the relative 
importance of methanogenic pathways at different salinities. The relative energy yield 
from different methanogenic pathways indicated that methylotrophic methanogenesis 
with either methanol, DMS or TMA as substrate might be more significant than 
hydrogenotrophic and acetoclastic methanogenesis in hypersaline sediments of Orca 
Basin. 
 
4.4.4 Methanogenic activity 
 
Stable isotope tracer experiments with 13C-bicarbonate and H2, 13C-acetate, and 
13C-methanol were conducted to trace the utilization of different substrates for 
methanogenesis in Orca Basin sediments. In sediment from the southern basin and the 
reference site, δ13CH4 did not change significantly over time for all types of substrates 
added. Likewise, samples from the northern basin amended with 13C-bicarbonate and 
H2 as well as 13C-acetate did not show significant increase of δ13CH4 after 181 days of 
incubation (Fig. 4.6). However, a linear increase of δ13CH4 over time was observed in 
samples amended with 13C-methanol. δ13CH4 in the duplicate incubations increased 
progressively from -87‰ at day 3 to -56‰ and -87‰ to -67‰ at day 112, 
respectively and did not increase further (Fig. 4.6). Based on mass balance 
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calculations, the methane production rates were 2.5 ×10-4 and 4.1 ×10-4 nmol L-1 
d-1 at day 112 for duplicate incubations. The killed controls did not show significant 
changes in δ13CH4 over time.  
 
 
Fig. 4.6 Time series of δ13C-CH4 in duplicate sediment samples amended with either 13C-labeled 
bicarbonate, acetate or methanol as well as killed control samples from northern Orca Basin. 
 
Methanogenic activities in the southern basin could be too low to be captured by 
the stable isotope tracer experiment or could be confined to deeper sediment layers. 
Indeed, methane concentrations in sediment from the southern basin were lower than 
those in the northern basin, while methanol was more abundant in the southern basin. 
Based on the incubation experiments, enhanced utilization of methanol by relatively 
higher methanogenic activity might explain low methanol concentrations in the 
northern basin. The incorporation of 13C exclusively from methanol into methane 
suggested that methylotrophic methanogenesis was the only methanogenic pathway 
operating in the hypersaline sediment of Orca Basin. Similarly, 13C-enriched methane 
was only produced from 13C-labeled methylamines and methanol but not from labeled 
acetate and bicarbonate in hypersaline ponds in Baja California Sur, Mexico, and 
northern California, USA (Kelley et al., 2012).  
Radiotracer experiments using 14C-labeled bicarbonate, acetate and methylamine 
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support the significance of methylotrophic methanogenesis in Orca Basin sediments. 
Methanogenesis from 14C-labeled methylamine was detected in the shallow sediment 
of the northern basin. The turnover rates of methylamine were 1.2×10-6 and 2.1×
10-6 per day at 2.5 cm and 7.5 cm, respectively. In contrast, no 14C uptake into 
methane from labeled bicarbonate and acetate was observed, suggesting that 
hydrogenotrophic and acetoclastic methanogenesis were not occurring in Orca Basin 
sediments. Lazar et al. (2011) demonstrated that methylotrophic methanogenesis was 
the only significant methanogenic pathway in shallow hypersaline sediments (0-40 cm) 
in the centre of the Napoli mud volcano in the Eastern Mediterranean Sea. However, 
methylamine turnover rates in Orca Basin were by two orders of magnitude lower in 
Orca Basin sediments than in the Napoli mud volcano (Lazar et al., 2011), which 
could be attributed to the lower salinity in the Napoli mud volcano (< 3 M Cl-) 
compared to Orca Basin (~5 M Cl-). Despite the relatively low methanogenic activity, 
the combination of stable isotope and radioactive tracer experiments attested a 
dominance of methylotrophic methanogenesis in the hypersaline sediments of Orca 
Basin. 
 
4.4.5 Diversity of archaeal 16S ribosomal RNA genes 
 
Sanger sequencing targeting the archaeal 16S rRNA gene revealed diverse 
archaeal populations in Orca Basin sediments. Sequences related to the Marine Group 
I (MG-I) Thaumarchaeota dominated the assemblages in the surface sediment (0-5 
cm, 28 archaeal sequences, 61% MG-I) and at 55-60 cm (37 archaeal sequences, 73% 
MG-I) of the southern basin (Fig. 4.7). The large number of MG-I sequences may be 
indicative of the preservation of water column-derived DNA, which has been 
demonstrated to occur over geologic timescales in anoxic sediments (Corinaldesi et al., 
2011). Other sequences were related to the Marine Group II (MG-II) Euryarchaeota 
(9%) and the euryarchaeal clades Halobacteriales (4%) and Methanohalophilus 
(13%). In particular, archaea of the genus Methanohalophilus are obligate halophilic 
methanogens that have been previously detected in a wide range of hypersaline 
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environments (Oremland et al., 1982b; Orphan et al., 2008). Cultured members of this 
genus are obligate methylotrophs that could grow at salinities of up to 250 and 
metabolize a variety of C1 compounds including methylamines, methanol and 
methylsulfides, rather than H2, formate, or acetate (Liu et al., 1990; Paterek and Smith, 
1988). In the deep sediment sample (55-60 cm) from the southern basin, sequences 
related to the Marine Group III, the Deep-Sea Hydrothermal Vent Euryarchaeotal 
Group 5 (DHVE-5) and putative anaerobic methane oxidizers of the ANME-1a, 
ANME-1b and ANME-2c clades were detected (Fig. 4.7). The occurrence of ANME 
sequences and the consequent AOM might explain the strong decrease of methane 
concentrations below 30 cm sediment depth in the southern basin (Fig. 4.2a-D). While 
thermodynamic calculations indicate that AOM is feasible in sediment from the 
southern basin (ΔG: -43 to -64 kJ mol-1) this is not reflected in the δ13CH4 profile, 
which may be related to the balance of methane flux and methane oxidation rates. 
 
Fig. 4.7 Relative abundances of archaeal 16S rRNA gene sequences at 0-5 cm and 55-60 cm 
sediment depth in southern and northern Orca Basin. 
 
Archaeal sequence diversity in the surface sediment (0-5 cm, 56 archaeal 
sequences) of the northern basin was similar to the southern basin with the exception 
of a higher relative abundance of Methanohalophilus sequences (32%; Fig. 4.7) and 
occurrence of sequences related to the ANME-2a and the Miscellaneous 
Crenarchaeotic Group (MCG). In the deep sediment sample (50-55 cm, 33 archaeal 
sequences), Methanohalophilus accounted for 85% of the sequences, the rest being 
related to MG-I. The elevated abundance of Methanohalophilus-related sequences in 
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the northern basin clone library reflected the higher potential for methylotrophic 
methanogenesis compared to the southern basin inferred from substrate 
concentrations and labeling experiments.  
Collectively, 16S rRNA gene analysis provided phylogenetic evidence for the 
existence of a methylotrophic methanogen community in the hypersaline sediment of 
Orca Basin and supported the observation of higher methanogenic activity in the 
northern basin. 
 
4.4.6 Lipid biomarkers 
 
To constrain the archaeal community composition and identify biomarkers 
indicative for methane cycling, we analyzed the relative abundances of archaeal core 
and intact polar membrane in the sediment of Orca Basin. 
Overall, the relative abundances of major core and intact polar lipid groups were 
highly similar across the sampled sediment intervals as well as between the southern 
and northern basin sites (Fig. 4.8). Archaeal tetraether lipids (GDGTs) and derivatives 
such as hydroxylated GDGTs and GDDs with zero to five pentacyclic rings were the 
major components of the core lipid pool in Orca Basin sediments. These compounds 
are sourced mainly by aerobic planktonic Thaumarchaeota and ubiquitously found in 
the marine water column and sediments (Schouten et al., 2000; Wakeham et al., 2007) 
and are therefore reflective of the high input of marine organic matter in Orca Basin 
(Tribovillard et al., 2008; Tribovillard et al., 2009).  
The diether lipids archaeol and hydroxyarchaeol as well as their unsaturated 
homologues containing up to seven unsaturations comprised 22-43% of the core lipids. 
In contrast to GDGTs, high abundances of archaeol and hydroxyarchaeol are typically 
not observed in marine water column and sediment samples (cf. Turich and Freeman, 
2011; Turich et al., 2007). While archaeol can be found in cultured representatives of 
all archaeal clades (Koga and Morii, 2005; Schouten et al., 2008), high abundances of 
archaeol and specifically hydroxyarchaeol in marine sediments are often related to the 
occurrence of methanogenic and methanotrophic archaea (Hinrichs et al., 1999; 
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Rossel et al., 2008; Sprott et al., 1990). Similarly, cellular membranes of extremely 
halophilic archaea consist primarily of archaeol but are devoid of hydroxyarchaeol 
(Kates, 1993; Koga and Morii, 2005). As the relative abundances of archaeol and 
hydroxyarchaeol as well as unsaturated hydroxyarchaeols are strongly correlated in 
Orca Basin sediments (Fig. 4.8), a common methanogenic or methanotrophic archaeal 
source of these lipids is very likely. 
 
 
Fig. 4.8 Relative abundances of archaeal core and intact polar lipids in sediment from the southern 
(a) and northern (b) Orca Basin. Core lipid nomenclature: AR: archaeol; uns ARs: summed 
unsaturated archaeols; OH-AR: hydroxyarchaeol; uns OH-ARs: summed unsaturated 
hydroxyarchaeols; GDGTs: glycerol dibiphytanyl glycerol tetraethers; OH-GDGTs: hydroxy 
GDGTs; GDDs: glycerol dialkanol diethers. Intact polar lipid nomenclature indicates headgroup 
and core lipids combinations: 1G: monoglyosyl; 2G: diglycosyl; PI: posphoinositol; G-PG: 
glycosyl-phosphatidylclycerol; HPH: hexose-phosphohexose. 
 
Polyunsaturated archaeols have so far not been reported from environmental 
samples, but have been found in several cultivated extremely halophilic 
Halobacteriales strains (Gibson et al., 2005; Nichols and Franzmann, 1992; Qiu et al., 
Chapter 4 
118 
1998) and appear to be involved in adaptation of the lipid membrane to high salinities 
(Dawson et al., 2012). Similarly, polyunsaturated archaeols and hydroxyarchaeols are 
also synthesized by the methylotrophic methanogen Methanococcoides burtonii in 
response to cold temperatures (Franzmann et al., 1992; Nichols et al., 2004). In Orca 
Basin sediments, the relative abundance of unsaturated archaeols was not correlated 
with either archaeol or saturated and unsaturated hydroxyarchaeols, suggesting 
disparate sources of these lipids (Fig. 4.9). Therefore, unsaturated archaeols in Orca 
Basin likely originate from Halobacteriales-like archaea while unsaturated 
hydroxarchaeols along with saturated archaeol and hydroxyarchael could be 
synthesized by methanogenic or methanotrophic archaea.  
 
 
Fig. 4.9 Linear correlation coefficients (p <0.05) calculated from relative abundances of core and 
intact polar lipids in Orca Basin sediments.  
 
Intact polar lipids accounted for 3 to 7% of the total archaeal lipids in Orca Basin 
sediments, which was within the range reported for marine sediments, with an 
exception of 14% at 50-55 cm sediment depth in the northern basin (Lipp and 
Hinrichs, 2009; Liu et al., 2011). Among the intact polar lipids, intact polar glycosidic 
and phospho-glycosidic GDGTs and hydroxy GDGTs with zero to five cyclopentyl 
moieties dominated the intact polar lipid pool in most samples (Fig. 4.8). These lipids 
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are typical for planktonic Thaumarchaeota (Elling et al., 2014; Schouten et al., 2008) 
but may also be produced in significant amounts by benthic archaea, e.g., 
methanogens and ANME-1 and ANME-2 methanotrophs (Koga et al., 1993; Lipp and 
Hinrichs, 2009; Rossel et al., 2008; Tornabene and Langworthy, 1979). Additionally, 
GDGTs are not known to be produced by extremely halophilic archaea (Kates, 1993). 
The relative abundances of intact polar GDGTs were also not significantly correlated 
to the abundances of core and intact polar archaeols, indicating different sources of 
GDGTs and archaeols in Orca Basin. Given the high abundance of (potentially 
preserved) Marine Group I Thaumarchaeota 16S rRNA gene sequences in Orca Basin 
sediments, preservation of water column-derived thaumarchaeal intact polar lipids (cf. 
Schouten et al., 2010; Xie et al., 2013) in the anoxic brine may contribute significant 
amounts of intact polar GDGTs to the sedimentary lipid pool (Harvey and Kennicutt 
II, 1992; Kennicutt et al., 1992).  
Intact polar diether lipids consisted of saturated archaeols and hydroxyarchaeols 
with glycosidic and phosphatidic headgroups that are found both in cultivated 
methanogens (Koga et al., 1993) as well as uncultivated putative methanotrophic 
archaea of the ANME-1, ANME-2 and ANME-3 clades (Rossel et al., 2008). 
Polyunsaturated intact polar archaeols as well as headgroups that are specific for 
Halobacteriales, such as PGP-Me (Kates, 1993), were not detected, suggesting that 
Orca Basin sediments likely do not harbor significant populations of this archaeal 
clade. The relative abundances of intact polar and core archaeols and 
hydroxyarchaeols were significantly correlated, indicating that these intact polar lipids 
are likely produced within Orca Basin (Fig. 4.9). Intact polar lipid diversity as well as 
relative abundance of archaeal diether lipids was highest at 50-55 cm sediment depth 
in the northern basin (72%, Fig. 4.8), potentially indicating high levels of 
methanogenic biomass and/or activity in this sample. This is consistent with high 
abundances of 16S rRNA gene sequences related to methylotrophic methanogens 
(section 4.4.5). 
In conclusion, unusual polyunsaturated core archaeols found in Orca Basin are 
likely derived from extremely halophilic Halobacteriales-like archaea inhabiting the 
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brine of Orca Basin. In contrast, highly specific polyunsaturated core 
hydroxyarchaeols as well as intact polar archaeols and hydroxyarchaeols indicate that 
the archaeal community in the sediments of Orca Basin is primarily composed of 




Significant amounts of methane were observed in hypersaline sediments from 
southern and northern Orca Basin. Although previous biogeochemical investigations 
suggested a potential of methylated compounds as methanogenic substrates in 
hypersaline environments, the formation of methane in Orca Basin and other large 
deep-sea hypersaline basins remained largely unconstrained. In this study, multiple 
lines of evidence suggested that methylotrophic methanogenesis is the major source 
of methane in Orca Basin sediments: 
1) Strongly depleted δ13C values of methane in the range of -76.7‰ to -89.1‰ as 
well as methane to ethane ratios of 600-3000 pointed to a biogenic origin of methane 
in Orca Basin. 
2) Hydrogenotrophic and acetoclastic methanogenesis were unlikely to occur in 
Orca Basin due to competitive inhibition by sulfate reducers in the presence of 
abundant sulfate, low concentrations of H2 and no detectable acetate. In contrast, 
methylated substrates and their precursors were highly abundant relative to the 
non-hypersaline reference site, suggesting that these substrates could potentially fuel 
methane production in the hypersaline sediments of Orca Basin. 
3) Thermodynamic calculations demonstrated that methylotrophic 
methanogenesis was much more favorable than hydrogenotrophic and acetoclastic 
methanogenesis under in situ conditions. High energy gains from methylotrophic 
methanogenesis could facilitate the survival of halophilic methanogens, as halophiles 
require more energy to maintain an osmotically balanced and functional cytoplasm. 
4) Stable isotope tracer experiments with different 13C-labeled substrates 
indicated 13C incorporation into methane only from methanol and exclusively in 
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sediments from northern Orca Basin. In addition, methanogenesis from 14C-labeled 
methylamine but not from bicarbonate or acetate was detected in shallow sediments of 
the northern basin, attesting that methylotrophic methanogenesis was the dominant 
methanogenic pathwayin Orca Basin sediment.  
5) 16S rRNA gene sequences related to obligately halophilic methylotrophic 
methanogens of the genus Methanohalophilus were abundant in the clone library 
sequences constructed from DNA extracted from the sediment of the southern Orca 
Basin and dominated archaeal 16S rRNA gene sequence libraries in the subsurface of 
the northern basin. High abundances of methanogen lipid biomarkers, e.g., intact 
polar and polyunsaturated archaeols and hydroxyarchaeols, were detected in Orca 
Basin sediments.  
In conclusion, biogeochemical, experimental, and phylogenetic evidence 
confirmed the presence of an active methanogenic community utilizing abundant 
methylated substrates and sustaining the high concentrations of methane that are 
observed in the hypersaline sediments of Orca Basin. Methylotrophic methanogenesis 
and other processes involving methylated compounds as central intermediates might 
also be significant contributors to carbon cycling in other deep sea hypersaline basins 
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5.1 Abstract  
 
Microbial production of methane is an important terminal process during the 
organic matter degradation in marine sediments. It is generally thought that methane 
is predominantly produced from hydrogenotrophic and acetoclastic methanogenesis, 
while the importance of methylotrophic methanogenesis from methylated compounds 
remains largely unconstrained. To estimate the relative contribution of different 
substrates and pathways for methane production, we performed various 
biogeochemical, experimental and molecular genetic analyses to characterize 
substrates abundance, methanogenesis rates and methanogen communities in the 
sediments of Gulf of Lions, northwestern Mediterranean Sea. Methylated substrates 
such as methanol, trimethylamine (TMA), dimethylsulfide (DMS) were detected in 
the pore water and sediments, and showed vertical and spatial variability. In the 
sulfate-reducing sediments, the turnover time to methane for methanol (~44 days) and 
methylamine (~25 days) were much faster than acetate (> 105 days) and bicarbonate (> 
106 days). Methanogenesis rates measurement revealed that methylotrophic 
methanogenesis and hydrogenotrophic methanogenesis contributed to methane 
production in the presence of sulfate, and methanogenesis from methanol could 
account for 13%-74% of the total methane production in the sulfate reduction zone. In 
the sulfate-depleted sediment, hydrogenotrophic methanogenesis dominated the 
methanogenic pathway (67%-97%), acetate could also make a significant contribution 
to methane production in organic-rich sediment (up to 31%), whereas the contribution 
of methylotrophic methanogenesis could be neglected in the methanogenic zone (< 
1%). These results indicated that the activity of sulfate-reducing bacteria and organic 
matter could significantly influence the methanogenic pathways in marine sediments. 
Methanogenic communities based on methyl coenzyme M reductase gene (mcrA) 
analysis were generally in accordance with the distribution of methanogenic activity 
from different substrates.  
Our study quantitatively addressed the importance of methylotrophic 
methanogenesis in marine sediment, and provided new insights into relative 
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 Marine sediment is the largest global reservoir of the potent greenhouse gas, 
methane, and most methane is generated from microbial methanogenesis (Milkov, 
2004). During organic matter degradation, methane is produced by complex 
communities consisting of hydrolytic, fermentative, acetogenic and methanogenic 
microorganisms. As the ultimate process, methanogens produce methane from a 
number of substrates (e.g., bicarbonate, acetate, methylated compounds) that are 
generated by these complex communities (Conrad et al., 1989). Methanogens are 
strictly anaerobic archaea, which are sufficiently divergent to span many orders (e.g., 
Methanomicrobiales, Methanosarcinales and Methanocellales) (Garcia, et al, 2000; 
Sakai et al., 2008). In spite of the collective knowledge of specific processes and 
organisms that lead to methane production, and the significant quantities of methane 
found in marine sediments, relatively little is known of the pathways for methane 
production in sediments. 
In marine sediment, methanogenesis from H2/CO2 and acetate is generally 
acknowledged as the major source of methane (Conrad, 2005), while the importance 
of methylotrophic methanogenesis from methylated compounds remains obscure. 
Early biogeochemical investigations (Oremland and Polcin, 1982) and more recent 
model (Mitterer, 2010) suggested that methylotrophic methanogenesis might account 
for the methane production in the presence of sulfate, as hydrogenotrophic and 
acetoclastic methanogens are unable to effectively compete with sulfate reducers for 
these substrates. Nevertheless, most observations of methylotrophic methanogenesis 
are based on in vitro studies from salt marsh, intertidal or hypersaline sediments 
(Parkes et al., 2012; King et al., 1983; Lazar et al., 2011b), where sulfate 
concentrations are high and methylated substrates such as methylamines are 
potentially abundant (King, 1988; Wang and Lee, 1994). In typical marine sediments, 
which have geochemical stratifications with a clear transition from sulfate to methane 
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rich sediments (termed the sulfate methane transition zone, hereafter SMTZ), the 
relative importance of methylotrophic methanogenesis is unclear, in both the sulfate 
rich and sulfate depleted zones. Furthermore, limited information on the pool size and 
spatial distribution of methylated substrates in marine sediment makes it difficult to 
assess the methanogenic activities (e.g., methanogenesis rate measurement with 
radiotracers), though works reporting methane production quantification in marine 
sediments are sparse (Parkes et al., 2012; King et al., 1983).  
Modern cultivation independent genetic approaches have facilitated the detection 
of methanogens communities in various environments (Banning et al., 2005; 
Cadillo-Quiroz et al., 2006; Chan et al., 2005; Orphan et al., 2008; Parkes et al., 2010), 
providing important additional information about the metabolic potential for 
methanogenesis. The alpha subunit of methyl coenzyme M reductase (mcrA) is a 
highly conserved gene that catalyzes the final step of methanogenic pathway, and is a 
specific and useful functional gene marker for targeting methanogens and 
methanotrophs (Rudolf, 1998). With such molecular tools, depth related changes in 
methanogen community composition have been determined in marine sediment 
(Dhillon et al., 2005; Lazar et al., 2011a; Parkes et al., 2005). Nevertheless, few 
studies have addressed how methanogen community structure relates to the utilization 
of different substrates (Parkes et al., 2007; Webster et al., 2006; Yoshioka et al., 2010), 
in particular, those for methylated substrates in marine sediment (Parkes et al., 2012; 
Lazar et al., 2012).  
The objective of this study is to investigate the production of methane from 
different substrates and pathways, with the focus on methylotrophic methanogenesis, 
and further quantify the relative importance of different methanogenic pathways in 
marine sediments. Therefore, we conducted a suite of biogeochemical and molecular 
genetic analyses in marine sediments of northwestern Mediterranean Sea. The 
concentrations and distribution of potential methanogenic substrates, depth related 
methanogenic activities from different 14C-labeled substrates and the methanogen 
communities were collectively characterized in the sediment of Gulf of Lions. 
Additionally, these analyses were performed at geochemically distinct sites with 
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geochemical zonations, which could help to better understand the influence of the 
environmental factors on methanogenic substrates and pathways.  
 
5.3 Materials and methods  
5.3.1 Site description and sampling protocol 
 
Sediment cores were retrieved during expedition POS450 of the research vessel 
Poseidon, from Gulf of Lions, Mediterranean Sea in April, 2013 (Fig. 5.1).  
 
 
Fig. 5.1 Sampling sites in the Gulf of Lions, northwestern Mediterranean Sea. 
 
In the Gulf of Lions, a number of sites were sampled to track the terrestrial input 
from the Rhône River to the shelf (Fig. 5.1). Sites GeoB17306 and GeoB17307 were 
located in the pro-delta of the Rhône River and Sites GeoB17308 and GeoB17305 
were off the river mouth (Heuer et al., 2014). The Rhône River is the major 
freshwater source in the Mediterranean Sea (Cauwet et al., 1990; Sempéré et al., 
2000). As considerable riverine input of nutrients and wind-driven upwelling 
stimulate marine primary production, the Rhône delta and the adjacent area is one of 
the most productive regions in the phosphorous-limited, oligotrophic Mediterranean 
Sea (Ludwig et al., 2009). High marine productivity and significant terrestrial input 
also influence the quantity and quality of the organic matter in marine sediment, thus 
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the Gulf of Lions is ideal to investigate the generation and metabolism of 
low-molecular-weight compounds, and the influence of environmental factors on 
benthic communities and associated biogeochemical processes such as 
methanogenesis. During the cruise, pore water and sediments samples were collected 
from both multicorer (MUC) cores and gravity cores (Table 5.1). 
 







Multicorer    
GeoB17305-3 43° 13.80' N 4° 30.61' E 61 
GeoB17306-1 43° 18.95' N 4° 52.18' E 30 
GeoB17307-5 43° 18.24' N 4° 51.53' E 52 
GeoB17308-1 43° 16.20' N 4° 43.79' E 62 
Gravity corer    
GeoB17306-2 43° 18.97' N 4° 52.16' E 30 
GeoB17308-4 43° 16.21' N 4° 43.80' E 61 
 
After retrieval, MUC cores were sectioned immediately at room temperature 
using a core extruder. Sediment samples for methane analysis were taken by 
transferring 2-3 mL sediment with a 5 mL cut-off syringe into a 22 mL serum vial, 
crimp-capped immediately, and stored at room temperature before onboard analysis. 
Another set of samples with addition of 5 mL 1M NaOH were stored in 22 mL serum 
vial at 4 °C for shore-based isotopic analysis of methane. Subsamples of sediments 
for total organic carbon (TOC), trimethylamine (TMA), dimethylsulfide (DMS) or 
dimethylsulfoniopropionate (DMSP) in the solid phase were collected using cut-off 
plastic syringes, transferred to headspace vials, and stored at -20 °C (Heuer et al., 
2014). Pore water samples were extracted from sediment via Rhizon soil moisture 
samplers (0.1 µm porous polymer, Rhizosphere Research, Wageningen, the 
Netherlands) (Seeberg-Elverfeldt et al., 2005). Rhizons were rinsed with at least 30 
mL of dilute hydrochloric acid (pH 1-2) followed by 30 mL of Milli-Q water before 
use. The collected pore waters were split into aliquots for analyses of sulfate, acetate, 
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dissolved inorganic carbon (DIC), methanol, TMA, DMS and stored at -20 °C before 
analysis. Gravity cores were cut into 1 m segments on deck and pore water samples 
were extracted from holes drilled into the core liner in the same manner as from the 
MUC cores. Syringe samples for solid phase analysis (e.g., methane, hydrogen, TMA, 
DMS) were taken from freshly exposed sediments through small sampling ports (ca. 2 
cm×3 cm), which were cut into the closed core liners. For hydrogen analysis, a 
sediment sample of 2-3 mL was extruded into a 12-mL headspace vial, immediately 
sealed with a thick black butyl stopper, crimp capped, and flushed with N2 (purity = 
99.999%) for at least 1 min. Samples were stored at 4 °C for shore-based incubation 
and analysis (Heuer et al., 2014). For methanogenesis rate measurements, ~2 mL 
sediments were introduced into the modified Hungate tubes through the cut end, and a 
plunger modified from the butyl rubber stopper was added from the cut end to move 
the sediment to the threaded end of the tube (Bowles et al., 2011; Orcutt et al., 2005). 
Then the septum was placed onto the sediment without headspace, and the screw cap 
was tightened. The gas-tight sample tubes filled with sediments were stored at 4 °C 
before incubation. Quadruplicate samples (one control plus triplicate samples) for 
each substrate (HCO3-, acetate, methanol, methylamine) at various depths were taken 
from gravity cores (GeoB17306 and GeoB17308). Sediments for mcrA gene analysis 
were sampled with cut-off syringes, stored in sterile Falcon tubes, immediately frozen 
at -32 °C (i.e., the coldest temperature available), shipped on dry ice and stored at 
-80 °C in the laboratories on shore (Heuer et al., 2014). 
 
5.3.2 Biogeochemical analyses 
 
Concentrations of dissolved methane were measured on board by injecting 
100-500 µL headspace gas into a gas chromatograph (Trace GC Ultra, 
ThermoFinnigan) equipped with a CP-PoraBOND Q (Varian Inc.) column and a flame 
ionization detector (FID) (Ertefai et al., 2010). Analysis of δ13C values of methane 
was performed on a gas chromatography combustion isotope ratio mass spectrometry 
(GC-C-IRMS) system combining a ThermoFinnigan Trace GC Ultra with a DELTA 
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Plus XP mass spectrometer via a ThermoFinnigan GC Combustion III interface 
(Ertefai et al., 2010). Sulfate concentrations were determined by ion chromatography 
(Metrohm 861 Advanced Compact IC, column A Supp 5, conductivity detection after 
chemical suppression). Quantitative and isotopic analysis of volatile fatty acids 
(VFAs) in the pore water were performed with a liquid chromatography-isotope ratio 
mass spectrometry system, which consisted of a ThermoFinnigan Surveyor high 
performance liquid chromatography (HPLC) equipped with a VA Nucleogel Sugar 
810-H column (300 × 7.8 mm; Macherey-Nagel, Germany) and a guard column of the 
same material linked to a DELTA Plus XP IRMS via a ThermoFinnigan LC Isolink 
interface (Heuer et al., 2006). Methanol in pore water was determined by a 
laboratory-built purge and trap pretreatment system connected to a Hewlett-Packard 
GC 5890 series II with a FID and Alltech Heliflex® AT-Q capillary column (30 m × 
0.32 mm I.D.; Alltech Associates, Inc., Deerfield, US) (Zhuang et al., 2014). 
Dissolved pool of DMS and DMSP (DMS(P)d thereafter), and dissolved TMA in the 
pore water, and total base-hydrolyzable DMS and DMSP (DMS(P)t thereafter) and 
base-extractable TMA in the sediment were released by the addition of NaOH, 
preconcentrated with a purge and trap procedure, and analyzed on a Trace GC 2000 
(Thermo Finnigan, Milan, Italy) coupled to a DSQ II MS (Thermo Finnigan, Texas, 
USA) with a Rtx®-Volatile Amine Column (30 m × 0.32 mm I.D., Restek GmbH, 
Homburg, Germany). Due to alkaline cleavage, DMSP (the precursor of DMS) could 
quantitatively convert to DMS (1:1) in our method. Hence, DMS(P)d refers to the 
combined pool of dissolved DMS and DMSP in the pore water, and DMS(P)t refers to 
the total base-hydrolyzable pool that includes DMS, DMS(P)d, and particulate DMSP 
in the sediment. Furthermore, to quantify exchangeable TMA that reversibly adsorb to 
particle exchange sites in the sediments (Lee and Olson, 1984; Wang and Lee, 1990), 
~4 g wet sediments were extracted with 20 mL 1 M LiCl for 2 hours with continuous 
agitation. After centrifugation, the supernatant were treated as the same procedure for 
TMA analysis in the pore water. Determination of TOC and δ13CTOC were conducted 
on pre-weighed, freeze-dried, decarbonatized sediment using a ThermoScientific 
Flash 2000 elemental analyzer coupled to a ThermoScientific DELTA V Plus IRMS 
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via a ThermoScientific ConFlo IV interface. DIC concentration and carbon isotopic 
composition was measured by injecting 1 mL headspace gas after acidification of pore 
water with 0.2 mL of 0.1 M phosphoric acid (H3PO4) into a gas chromatography 
isotope ratio mass spectrometry consisting of a Hewlett-Packard 5890 GC equipped 
with a 6 m Poroplot Q column held at 35 °C and a Finnigan Mat DELTA S IRMS. 
Headspace hydrogen concentrations were measured with a Peak Performer 1 Reduced 
Gas Analyzer equipped with a mercury oxide detector (Peak Laboratories, USA) (Lin 
et al., 2012). 
 
5.3.3 Methanogenic activity  
 
Methanogenesis rates were measured using 14C-labeled bicarbonate, acetate 
(1,2-14C-CH3COO-), and methanol. Relative turnover time to CH4 was determined 
using 14C-labeled methylamine, as in situ concentration data were not available. 
Sediment samples were injected with 100 μL of 14C-labeled bicarbonate (600 kBq), 
acetate (210 kBq), methanol (298 kBq) or methylamine (143 kBq) in batches of four 
(one control plus measurement in triplicate) and incubated at in situ temperature for 7 
days. For controls, 2.5 mL of 2 M NaOH were injected into the sample and 
homogenized before isotope addition. Incubations were terminated by injecting 2.5 
mL 2 M NaOH into the samples using a syringe and needle, and this was possible by 
the vacuum created by pulling the plunger to the base of the Hungate tube. The 
methane production rate was determined by quantitatively converting 14CH4 in the 
headspace to 14CO2 and trapping the evolved 14CO2. Briefly, vessels were shaken 
vigorously and purged with a gentle flow of CO2 free compressed air. The gas stream 
was passed through 2 M NaOH and pelletized NaOH to remove 14CO2 and then 
flowed through an 800 °C titanium-nickel alloy column packed with copper oxide 
used to catalyze the oxidation of 14CH4 to 14CO2. The resulting 14CO2 was trapped in a 
mixture of Carbosorb E (Perkin Elmer) and the scintillation cocktail Permafluor E 
(Perkin Elmer). The efficiency of the trapping solution was >98%, tested by adding a 
known activity of 14CO2. Immediately following purging and trapping, the cocktail 
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was counted on a liquid scintillation counter. Rates were calculated using substrate 
concentrations measured in separate samples, and activities recovered in 14CH4 pool 
(Eq. 5.1): 
MOG rate = Csubstrate ×α/t (DPM-14CH4/DPM-14Csubstrate)                (5.1) 
where MOG is the rate of methanogenesis from bicarbonate, acetate, and methanol 
(nmol substrate reduced cm–3 d–1), Csubstrate is the concentration of different substrates 
(nmol cm–3), α is the isotopic fractionation factor (Assumed: bicarbonate: 1.04; 
acetate: 1.02; methanol: 1.07; methylamine: 1.06) (Krzycki et al., 1987; Summons et 
al., 1998; Whiticar, 1999), t is the period of incubation (days), DPM-14CH4 is the 
activity recovered in the products pool (DPM), and DPM-14Csubstrate is the activity of 
the substrate injected into sample (DPM). Relative turnover times for 14C-labeled 
substrates were calculated based on the time in days required to metabolize to 
methane the total amount of added 14Csubstrate (Eq. 5.2): 
Turnover time = DPM-14Csubstrate/ (DPM-14CH4/t)                      (5.2)  
 
5.3.4 Molecular analysis 
 
 DNA was extracted from 10 g of sediment using the UltraClean® Mega Soil 
DNA Isolation Kit (MO BIO, CA). The mcrA genes were amplified by PCR using the 
ME1 (GCMATGCARATHGGWATGTC) and ME2 
(TCATKGCRTAGTTDGGRTAGT) primers previously developed to specifically 
target methanogens (Hales et al., 1996). The PCR conditions were as follows: 
denaturation at 94 °C for 40 s, annealing at 50 °C for 1 min 30 s, and extension at 
72 °C for 3 min for 30 cycles.  
PCR products were cloned using the TOPO XL cloning kit (Invitrogen, CA), and 
chemically transformed into Escherichia coli TOPO10 One Shot cells according to the 
manufacturer’s instructions. Sequences were obtained by Genewiz (South Plainfield, 
NJ) on an ABI Prism 3730xl sequencer using the M13R primer. 
Sequences were analyzed using the NCBI BLASTN search program within 
GeneBank (http://blast.ncbi.nlm.nih.gov/Blast) (Altschul et al., 1990).The mcrA 
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sequences were translated into amino acid sequences using BioEdit and amino acid 
sequences were aligned using ClustalX (Larkin et al., 2007). Sequence data were 
analyzed with the MEGA4.0.2 program (Tamura et al., 2007). The phylogenetic trees 
were calculated by the neighbor-joining analysis. The robustness of inferred topology 
was tested by bootstrap resampling (1,000). 
 
5.4 Results and discussion 
5.4.1 Geochemistry of pore water and sediment from MUC cores  
 
At Sites GeoB17306 and GeoB17307 in the pro-delta, sulfate was reduced with 
respect to depth, as evidenced by sulfate concentrations decreasing from 31 mM at the 
sediment-seawater interface to 25 mM and 10 mM, respectively (Fig. 5.2-A, B). 
Methane concentrations increased with depth, and reached 29 μM and 46 μM at 27.5 
cm below seafloor (cmbsf), respectively (Fig. 5.2-A, B). In contrast, sulfate 
concentrations were generally constant with depth at Sites GeoB17308 and 
GeoB17305, and the concentrations of methane were consistently lower than 3 μM 
(Fig. 5.2-C, D). TOC content declined along the transect proceeding away from the 
Rhône River. The average TOC content was 1.13% at GeoB17306, and further from 
the river, decreased to 0.90% and 0.61% at GeoB17308 and GeoB17305, respectively 
(Fig. 5.2, E-H). The clear decrease in TOC reflected the reduced terrestrial organic 
matter input with increasing distance from the river mouth. The stable carbon isotopic 
value (δ13C) of TOC was -27.4‰ at GeoB17306, and became increasingly positive at 
GeoB17308 (-25.4‰) and GeoB17305 (-24.5‰) (Fig. 5.2, I-L), suggesting a gradual 




Fig. 5.2 Depth profiles of methane and sulfate (A-D), TOC (E-H), and δ13C of TOC (I-L) in 
pore waters and sediments from retrieved MUC cores in the Gulf of Lions, Mediterranean Sea.  
 
5.4.2 Distribution of potential methanogenic substrates in the pore water and 
sediments from MUC cores  
 
Generally, methanol concentrations were below 2 μM in the sedimentary pore 
waters (Fig. 5.3, A-D). The vertical profiles displayed two different trends, 1) 
methanol was more concentrated in the uppermost sediment horizons and decreased 
slightly with depth, such as GeoB17308 (Fig. 5.3-C); 2) methanol concentrations were 
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low in the surface sediment, increased with depth, and reached the maximum at depth 
between 8 cmbsf and 22 cmbsf (GeoB17305, GeoB17306, GeoB17307) (Fig. 5.3-A, 
B, D). The change of methanol concentrations with depth might reflect an in situ 
production and consumption imbalance, controlled by different microbial processes. 
For example, methanol could be derived from lignin and pectin in marine sediment 
(Donnelly and Dagley, 1980; Schink and Zeikus, 1980), and the decomposition of 
these relatively abundant and fresh organic matter could contribute to the 
accumulation of methanol in the surface sediment (e.g., GeoB17308) (Zhuang et al., 
2014). On the other hand, due to the presence of oxygen in the bottom water, 
methanol could be oxidized aerobically by methylotrophic bacteria (Kolb, 2009), 
which could lead to the low concentrations of methanol in the upper sediments (e.g., 
GeoB17306, GeoB17307). As the degradation of organic matter persisted, methanol 
was released at higher levels in deeper sediment. Methanol peaked at shallower depth 
(7 cmbsf) at Site GeoB17307, while the maximum occurred at 22 cmbsf at Site 
GeoB17305, which might be related to the extent of organic matter mineralization. 
Once produced, methanol could be metabolized through various terminal processes 
such as nitrate reduction (Payne, 1973), iron reduction (Daniel et al., 1999), sulfate 
reduction (Cord-Ruwisch and Ollivier, 1986; Rabus et al., 2006), and methanogenesis 
(King et al., 1983), and these reactive processes in marine sediment could counteract 
methanol production and maintain methanol at lower concentrations in deeper 
sediments.  
Furthermore, methanol concentrations generally declined along the transect off 
the Rhône River, e.g., the average concentration of methanol at GeoB17306 in the 
pro-delta was three times that of Site GeoB17305 off the river mouth. Such a spatial 
variation indicated the influence of terrestrial organic matter input on the methanol 
distribution, as the main precursors of methanol such as lignin and pectin are largely 
terrigenous. Lignin is a major component of the woody tissues of vascular land plants 
and absent from marine organisms (Hedges et al., 1997; Hedges and Mann, 1979), 
and pectin is a component of photosynthetic biomass found in the plant leaves and 
algal cell walls (Schink and Zeikus, 1982). The reduced terrestrial organic matter 
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supply along the transect from pro-delta to the shelf could result in a decreasing 
abundance of lignin and pectin in sediment, thus influence the spatial distribution of 
methanol.  
 
Fig. 5.3 Depth profiles of methanol and ethanol (A-D), exchangeable TMA (E-H), 
base-extractable TMA (I-J) and base-hydrolyzable DMS(P)t (M-P) in pore waters and sediments 
from retrieved MUC cores in Gulf of Lions, Mediterranean Sea. Note that exchangeable TMA, 




In comparison to methanol, ethanol concentrations were lower and generally less 
than 0.5 μM in the pore waters (Fig. 5.3, A-D). As an important fermentation product, 
ethanol is mainly generated from carbohydrates under anoxic conditions (Eichler and 
Schink, 1984). Nevertheless, the formation of reduced fermentation products such as 
ethanol is energetically less favorable than the production of acetate with concomitant 
transfer of hydrogen to hydrogenotrophic bacteria (Schink et al., 1985). Consequently, 
the fermentative ethanol production is presumed to be less preferred under 
substrate-limiting conditions in natural habitats, which lead to the low abundance of 
ethanol in the pore waters. In addition, the anaerobic degradation of ethanol could 
further reduce the ethanol pool size. In the presence of sulfate, ethanol could be 
oxidized to acetate by sulfate-reducing bacteria with concomitant reduction of sulfate 
to sulfide (Schink et al., 1985). At low sulfate conditions, ethanol oxidation could be 
coupled with interspecies hydrogen transfer to methanogens by some sulfate reducers 
(Bryant et al., 1977). Some homoacetogenic bacteria could combine ethanol oxidation 
to acetate with reductive acetate formation from carbon dioxide (Eichler and Schink, 
1984). The thermophilic marine methanogen isolate Methanogenium organophilum 
can also directly utilize ethanol (Frimmer and Widdel, 1989). Thus, limited ethanol 
production during fermentation and multiple putative degradations could explain the 
low concentrations of ethanol observed in the pore waters.  
TMA was barely detectable at most depths in the pore waters (< 20 nM), 
whereas the pool sizes in sediment were relatively large (Fig. 5.3, E-L). The 
concentration of exchangeable TMA was between 0.4 and 7.0 μmol kg-1 (Fig. 5.3, 
E-H), and the base-extractable TMA was more abundant (0.7-11 μmol kg-1) in the 
sediments (Fig. 5.3, I-L). The difference between the dissolved pool of TMA and 
solid phase could be attributed to the strong adsorption of TMA on the sediments. 
Amine compounds can be reversibly adsorbed to particle exchange sites as cations, 
and this adsorption could significantly influence their distribution in sediments 
(Fitzsimons et al., 2006; Wang and Lee, 1990, 1993). Although TMA was absent in 
the pore water, the abundant exchangeable TMA (extracted with LiCl to compete for 
adsorption), indicated the high potential of bioavailable TMA that could be utilized 
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for microbial processes in the sediments. Furthermore, exchangeable TMA generally 
comprised 40%-70% of the total base-extractable pool that included dissolved, 
exchangeable and bound TMA in the sediments, suggesting a substantial fraction of 
TMA is sorbed reversibly to the sediment. Significant correlations were also observed 
between the exchangeable TMA and the base-extractable TMA at all study sites (R2 = 
0.68-0.99). Likewise, the combined pool of dissolved DMS and DMSP in the pore 
waters was small (<4 nM), and accumulated in the upper 10 cmbsf. The 
concentrations of base-hydrolyzable DMSP in the sediments were about three orders 
of magnitude higher, ranging from 1.5 and 13.4 μmol kg-1 (Fig. 5.3, M-P). 
Generally, TMA and DMS accumulated in the surface sediment and decreased 
with depth. In marine environment, TMA and DMS could be derived from a number 
of potential precursors (e.g., choline, glycine betaine, DMSP), which are largely 
formed within phytoplankton (i.e., functioning as osmolyte). Upon deposition at the 
seafloor (Belviso et al., 2006; Keller et al., 1999), these precursors can be degraded 
and lead to the accumulation of TMA and DMS in the uppermost sediment horizons. 
After formation within sediments, TMA and DMS constitute highly energetic 
substrates for methanogenesis or non-methanogenic processes (Kiene et al., 1986; 
King, 1984; Oremland and Polcin, 1982; van der Maarel and Hansen, 1997). Due to 
the microbial consumption and rapid turnover, the concentrations of TMA and DMS 
in the pore waters were maintained at a low level. Furthermore, no clear variations for 
TMA and DMS(P) (i.e., DMS and DMSP) were observed among different sites, 
indicating the weak influence of terrestrial input on their spatial distribution. In 
contrast to methanol, the precursors of TMA and DMS have a marine origin, and the 
production of TMA and DMS could be related to marine productivity and associated 
biogeochemical processes. The concentrations of chlorophyll were comparable among 
sites GeoB17305, GeoB17308, GeoB17307 (~1.1 mg m-3) (Heuer et al., 2014), 
suggesting the riverine nutrients input did not significantly influence the 





5.4.3 Methanogenic activities  
 
Methanogenesis from major substrates representing different pathways were 
assessed with sediment collected from gravity cores at Geo17306 and GeoB17308. At 
GeoB17306, intensive sulfate reduction was concentrated in the top 100 cmbsf, and 
sulfate concentrations decreased from 30 mM to < 1mM at this interval (Fig. 5.4-A). 
Methane concentrations were generally low (< 0.1 mM) in the sulfate rich sediment, 
increased rapidly to ~5.3 mM at 105 cmbsf and remained high in the deeper layer of 
the 500 cm core (Fig. 5.4-A). Between 80-100 cmbsf, a discrete SMTZ significantly 
regulated the methane flux from the underlying methanogenic zone. The δ13C values 
of methane varied slightly between -73.1‰ and -80.8‰ below 100 cmbsf, and shifted 
to -62.3‰ at 81.5 cmbsf, due to the rigorous oxidation of methane at the SMTZ (Fig. 
5.4-B).  
 
Fig. 5.4 Depth profiles of methane and sulfate (A), δ13C of methane (B), DIC and δ13C of DIC (C), 
hydrogen (D), acetate and δ13C of acetate (E), methanol and ethanol (F), exchangeable TMA and 
base-extractable TMA (G) and base-hydrolyzable DMS(P)t (H) in pore waters and sediment from 
retrieved GC core at Site GeoB17306. 
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Hydrogen concentrations determined with headspace equilibration method varied 
between 0.18 and 0.57 nM (Fig. 5.4-D). The δ13C values of DIC positively increased 
from -23.7‰ at 50 cmbsf to 3.8‰ at 500 cmbsf (Fig. 5.4-C), suggesting the 
increasing methane production from carbonate reduction. Acetate concentrations were 
below 8 μM, and the δ13C values of acetate were between -29.8‰ to -32.4‰ at 
several depths with concentrations higher than 5 μM that allowed for isotopic analysis 
(Fig. 5.4-E). For methylated substrates, methanol concentrations were generally lower 
than 2 μM (Fig. 5.4-F), and TMA and DMS(P)t were relatively abundant in the solid 
phase of sediments (Fig. 5.4-G, H).  
In the surface sediment at GeoB17306, methanogenic activity from bicarbonate 
and acetate were low, whereas the turnover of methanol and methylamine were much 
faster (Fig. 5.5, A-D). The average turnover time of methanol and methylamine in the 
upper 70 cmbsf was 44 and 25 days, respectively (Fig. 5.5-C, D), about ~3-5 orders of 
magnitude faster than bicarbonate (1.2×106 days) and acetate (3.1×104 days) (Fig. 
5.5-A, B). In contrast to previous studies, the turnover of methanol or methylamine 
was much faster than those from gas hydrate-bearing, hypersaline, or salt marsh creek 
sediments (Parkes et al., 2012; Lazar et al., 2011b; Yoshioka et al., 2009). Methane 
production rates from methanol and bicarbonate were comparable (~0.02 nmol cm-3 
d-1), both of which were about 100 times of acetoclastic methanogenesis (Fig. 5.5, 
A-C). Below 90 cmbsf, methanol and methylamine turnover stabilized and the 
turnover time were similar to those in the surface sediment. In contrast, the turnover 
of bicarbonate and acetate became much more rapid, in particular for acetate, the 
turnover time reduced considerably to 43 days. Changes in turnover time to methane 
for different substrates reflected the methane production rates. Methanogenesis rates 
from H2/CO2 increased to a maximum of 1.83 nmol cm-3 d-1 at 120 cmbsf, remained at 
the elevated rates to the base of the core. The average of acetate methanogenesis rate 
was 0.14 nmol cm-3 d-1 in the methanogenic zone, which was thousand times higher 
than those in surface sediments. Both hydrogenotrophic and acetoclastic rates were in 
agreement with the wide ranges of rates measured in various marine sediment settings 
including seep or non-seep sediments (H2/CO2 methanogenesis: < 0.01-30 nmol cm-3 
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d-1, acetate methanogenesis: < 0.001-60 nmol cm-3 d-1) (O'Sullivan et al., 2013; Orcutt 
et al., 2005; Parkes et al., 2007). 
 
 
Fig. 5.5 Depth distributions of turnover times and rates of methanogenic substrates at Site 
GeoB17306. SMTZ was marked with gray bars. 
 
In comparison to Site GeoB17306, sulfate depleted from 31 mM to 1 mM at 275 
cmbsf at GeoB17308, and methane accumulated to 1 mM below the SMTZ, with 
negative isotopic values between -89.0‰ and -97.0‰ (Fig. 5.6-A, B). DIC 
concentrations were much lower than GeoB17306 (Fig. 5.6-C), indicating the lower 
mineralization rate at GeoB17308. Likewise, the abundance of methanol were much 
less than GeoB17306 (Fig. 5.6-F). Acetate concentrations increased slightly to 5 μM 
at 345 cmbsf, with the δ13C value of -27.2‰ (Fig. 5.6-E).  
The turnover of bicarbonate was relatively fast in the upper 75 cmbsf (3.1×105 
days), increased to 1.4×107 days in the deeper sulfate reduction zone at 200 cmbsf, 
and decreased progressively to 8.6×105 days at 350 cmbsf in the methanogenic zone 
(Fig. 5.7-A). The turnover of acetate was fastest at 75 cmbsf (6724 days), and reduced 
by a factor of 10 in the deeper sediment (Fig. 5.7-B). Methanol and methylamine 
displayed a parallel trend with increasing turnover time along depth (Fig. 5.7-C, D). 
High methanogenic activities were detected for methanol (31 days) and methylamine 
(30 days) in the upper sediment. The turnover time of these methylated substrates 
increased markedly with depth, and reached the maximum of 7.4×104 and 1.1×105 
days at 350 cmbsf. Consistent with the turnover rate, methanogenesis rates from 
Chapter 5 
150 
bicarbonate, acetate and methanol were relatively high in the surface sediment, and 
generally decreased with depth (Fig. 5.7, A-C).  
 
 
Fig. 5.6 Depth profiles of methane and sulfate (A), δ13C of methane (B), DIC and δ13C of DIC (C), 
hydrogen (D), acetate and δ13C of acetate (E), methanol and ethanol (F), exchangeable TMA and 
base-extractable TMA (G) and base-hydrolyzable DMS(P)t (H) in pore waters and sediment from 
retrieved GC core at Site GeoB17308. 
 
 
Fig. 5.7 Depth distributions of turnover times and rates of methanogenic substrates at Site 
GeoB17308. SMTZ was marked with gray bars. 
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Geochemical analysis on methane and precursors, and 14C activity measurements 
indicated methanogenesis was an important process at Site GeoB17306. In the upper 
sediment, methane occurred at low concentrations, and methylotrophic 
methanogenesis was important methanogenic pathway in the presence of high levels 
of sulfate. Although it was generally thought that sulfate reducer thermodynamically 
outcompete with methanogen for hydrogen, and the concentrations of hydrogen (< 1 
nM) was also not sufficient to support methane production (Lovley and Goodwin, 
1988), hydrogenotrophic methanogenesis occurred in the sulfate-reducing sediments. 
The incomplete inhibition of hydrogenotrophic methanogenesis could be explained 
that methane was formed in organic rich microenvironments such as the interior 
portions of decaying organisms or particulate organic matter, while at the same time 
sulfate reduction occurred in the surrounding sediment matrix (Martens and Berner, 
1974). Furthermore, the isotopic values of methane also suggested the in situ 
production of methane in the sulfate reduction zone. Escaping rigorous AOM at 
SMTZ, the upwards diffusive methane should be progressively 13C-enriched in the 
sulfate reduction zone (Whiticar, 1999). In our case, the δ13C values of methane 
shifted from -80.8‰ below SMTZ to -62.3‰ at 81.5 cmbsf, but then negatively 
increased to -69.4‰ at 13.5 cmbsf. This change strongly suggested that highly 
13C-depleted methane from other source counteracted the enrichment of 13C in 
methane caused by AOM. Accordingly, methanogenesis from H2/CO2 or methanol 
could produce the highly 13C-depleted methane due to the large fractionation between 
substrates and methane (Whiticar, 1999), thus the occurrence of methane in the sulfate 
reduction zone could be a collective result of the upwards diffusion, AOM and in situ 
production from methylated substrates or H2/CO2. Consistent with the rate 
measurement, acetoclastic methanogenesis was unlikely to occur as acetate could 
produce methane with δ13C values between -65‰ to -50‰ (Whiticar et al., 1986), 
which was not depleted enough to balance the enriched isotopes due to AOM. Until 
sulfate was exhausted, acetate and hydrogen became available for methanogens, and 
methane were largely produced from H2/CO2 or to a less extent acetate. For example, 
highest methanogenic rate was from H2/CO2 (1.83 nmol cm-3 d-1) at 120 cmbsf, 
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followed by acetate methanogenesis with a rate of 0.06 nmol cm-3 d-1, and the least 
was from methanol (0.008 nmol cm-3 d-1). In agreement with rate measurements, both 
the negative δ13C values of methane (~-75.4‰) and the increasingly enriched 13C of 
DIC suggested the dominance of hydrogenotrophic methanogenesis below SMTZ.  
In contrast to GeoB17306, SMTZ occurred at a greater depth between 270 cmbsf 
and 290 cmbsf at GeoB17308, suggesting the lower mineralization rate and microbial 
activity. Accordingly, much lower methanogenic activities were detected at this site 
except in the upper 75 cmbsf. The methane production rate from methanol was 0.007 
nmol cm-3 d-1 at 25 cmbsf, which was slightly higher than H2/CO2 methanogenesis 
(0.004 nmol cm-3 d-1). At deeper depths within sulfate reduction zone, methanogenesis 
rate from H2/CO2 exceeded that from methanol, and hydrogenotrophic 
methanogenesis became the dominant methanogenic pathway. Below SMTZ, 
hydrogenotrophic methanogenesis was predominant, and highly 13C depleted methane 
(-93‰) were produced in the methanogenic zone. Although the acetate was also 
present at GeoB17306, acetoclastic methanogenesis was extremely low along the 
entirety core (< 4×10-4 nmol cm-3 d-1). By comparison, methanogenesis rates in the 
methanogenic zone at GeoB17308 were lower by 2-3 orders of magnitude than 
Geo17306, suggesting that methanogenesis might be less important at GeoB17308. 
Surprisingly, both hydrogenotrophic and acetoclastic methanogenesis rates were 
much higher in the surface sulfate-reducing sediment than those in the methanogenic 
zone, indicating that the activity of sulfate-reducing bacteria might be not the limited 
factor for methane production from competitive substrates at this site.  
 
5.4.4 Methanogenic diversity  
 
Molecular analysis with mcrA genes revealed diverse methanogen populations 
and marked changes within different geochemical zonations. At 20-45 cmbsf of 
GeoB17306, sequences were affiliated with Methanomicrobiales (49%), 
Methanosarcinales (17%) as well as ANMEs (34%, i.e., ANME-3, ANME-2a) (Fig. 
5.8). Generally, species from Methanomicrobiales are strictly hydrogenotrophic 
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methanogens. Among the order of Methanosarcinales, a large number of sequences 
were related to Methanosarcina, which are capable of metabolizing the major 
substrates from three methanogenic pathways (Table 5.2). In contrast, the genera of 
Methanococcoides and Methanolobus are obligately methylotrophic methanogens, 
and they exclusively grow on methylated compounds (Table 5.2). Hence, the 
detection of hydrogenotrophic and methylotrophic methanogens correlated well with 
the occurrence of methane production from H2/CO2 and methylated compounds in the 
sulfate reduction zone. Furthermore, the abundance of ANMEs at this depth interval 
indicated AOM potentially occurred in the sulfate reduction zone. At 75-90 cmbsf, 
sequences closely related to ANME-2a dominated the retrieved sequences (55%; Fig. 
5.8), which could be related to the intensive methane oxidation at the SMTZ (~90 
cmbsf). The majority of methanogens belonged to Methanomicrobiales (38%, Fig. 
5.8), and a few sequences were affiliated with the genus of Methanosarcina (Table 
5.2). Interestingly, a new group of Methanoplasmatales was also detected at this depth. 
This group was recently discovered in termite guts and has been proposed as the 
seventh order of methanogen (Paul et al., 2012). Cultured or enriched members from 
this order could only metabolize methanol with hydrogen to produce methane (Dridi 
et al., 2012). The presence of Methanoplasmatales in marine sediments, suggested 
that the new order might be more widespread in natural environment than previously 
thought. In the deeper sediment between 379-395 cmbsf, Methanomicrobiales still 
dominated the methanogen communities (48%), while Methanosarcinales (mainly 
Methanosarcina) were slightly more abundant in relative proportion than the sulfate 
reduction zone (23%, Fig. 5.8). Since higher activity from acetoclastic 
methanogenesis has been observed in the methanogenic zone, the increasing 
abundance of Methanosarcina suggested acetate might be the major substrates for this 
versatile genus of methanogen. Additionally, the occurrence of ANME at this depth 
was not puzzling, as the scatted methane profile might be an indication of AOM in the 
methanogenic zone. Treude et al. (2014) also reported active AOM in the 




Table 5.2 Methanogen communities based on mcrA genes analysis and potential substrates 
utilization from Mediterranean Sea sediments. 
References: 1. (Chong et al., 2002); 2. (Liu and Whitman, 2008); 3. (Garcia et al., 2000); 4. 
(Wildgruber et al., 1982); 5. (Kadam et al., 1994); 6. (Watkins et al., 2014); 7. (Watkins et al., 
2012); 8. (L'Haridon et al., 2014); 9. (Paul et al., 2012); 10. (Galagan et al., 2002); 11. (Sakai et al., 
2008). 12. (Sakai et al., 2010); 13. (Lü and Lu, 2012).  
 
Unfortunately, the amplification of mcrA gene was only successful between 




orders   




Potential substrate utilization 
(References) 
GeoB17306     
20-45 cm Methanomicrobiales Methanogenium marinum 1 H2/CO2, formate1 
  Methanoplanus 1 H2/CO2, formate2,3 
  Methanoplanus limnicola 2 H2/CO2, formate4 
  Methanomicrobiales 36 H2/CO2, formate2,3 
 Methanosarcinales Methanosarcina mazei 11 H2/CO2, acetate, 
methylamines, methanol3 
  Methanolobus bombayensis 2 Methylamines, methanol, 
dimethylsulfide5 
  Methanococcoides 2 Methylamines, methanol, 
N,N-Dimethylethanolamine,  
betaine, choline3,6,7,8, 
  ANME-3 8  
  ANME-2a 20  
75-90 cm Methanoplasmatales Methanoplasmatales 2 Methanol, methanol/H29 
 Methanomicrobiales Methanomicrobiales 33 Refer to above. 
 Methanosarcinales Methanosarcina mazei 2 Refer to above. 
  Methanosarcina 2 H2/CO2, acetate, methanol, 
methylamines, methanethiol, 
dimethylsulfide3, 10 
  ANME-2a 47  
379 -395 cm Methanomicrobiales Methanomicrobiales 44 Refer to above. 
 Methanosarcinales Methanosarcina mazei 13 Refer to above. 
  Methanosarcina 8 Refer to above. 
  ANME-2a 27  
GeoB17308     
225-240 cm Methanobacteriales Methanobrevibacter 2 H2/CO2, formate3 
 Methanomicrobiales Methanomicrobiales 14 Refer to above. 
 Methanocellales Methanocella paludicola 1 H2/CO2, formate11 
  Methanocella 15 H2/CO2, formate12,13 
 Methanosarcinales Methanosarcina mazei 2 Refer to above. 
  Methanosarcina 9 Refer to above. 
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this site. Compared to GeoB17306, the methanogen communities were more diverse, 
with additional genus recovered from orders of Methanocellales and 
Methanobacteriales. Sequences from Methanomicrobiales, Methanocellales (e.g., 
Methanocella) and Methanosarcinales (e.g., Methanosarcina) accounted for 33%, 
37%, and 26% of the assemblages, respectively, and most of the species from these 
orders could reduce bicarbonate with the aid of hydrogen to produce methane. 
Accordingly, hydrogenotrophic methanogenesis was the main methanogenic pathway 
at this depth interval, and the activity was 100 times higher than methanogenesis from 
acetate and methanol. Thus, the indications from mcrA gene analysis were closely 
related to the geochemical profiles and depth distribution of methanogenic activities 
at both sites, providing additional information for the metabolism of different 
substrates by methanogens.  
 
 
Fig. 5.8 Depth distributions of relative abundance of methanogen populations at Site GeoB17306 
and GeoB17308 based on mcrA genes clone libraries.  
 
5.4.5 Relative importance of different methanogenic pathways and potential influence 
factors in marine sediment  
 
Based on the integrated observations from geochemistry, methanogenic activity, 
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and communities in the sediment of northwestern Mediterranean Sea, we could 
quantitatively estimate the relative importance of methanogenic pathways. The 
distinct biogeochemistry and methanogenic capabilities observed at Sites GeoB17306 
and GeoB17308, also made it possible to compare the importance of methanogenic 
pathways and the factors influencing methanogenic activity in different 
biogeosystems.  
Site GeoB17306 could be a representative of a biogeosystem with relatively high 
TOC, high microbial activity and abundant microorganism populations. In this system, 
methanogenesis is an important terminal process, and methane is produced with high 
rates. In the sulfate reduction zone, the availability and rapid turnover of methylated 
compounds lead to the significant methane production via methylotrophic 
methanogenesis. For example, methanol could account for 43%-74% of total 
measured methane production (Fig. 5.9). Due to the competition from sulfate reducers, 
the contribution of acetate for methane production could be neglected in the presence 
of sulfate (e.g., < 1%), although acetoclastic methanogenesis was detected at a low 
rate. Hydrogenotrophic methanogenesis was not completely inhibited, and H2/CO2 
could make a significant contribution to methane production (e.g., 26%-57%). Below 
the sulfate reduction zone, methane was clearly produced, and hydrogenotrophic 
methanogenesis became the dominant methanogenic pathway with the depletion of 
sulfate (e.g., 67%-97%). Acetoclastic methanogenesis also could be active, and its 
contribution for methane production could increase, e.g., a maximum of 31% of at 
480 cmbsf. In contrast, the role of methylotrophic methanogenesis was largely limited, 
and much less methane could be produced from methylated substrates in the 
methanogenic zone (e.g., < 1%). 
In contrast, Site GeoB17308 was a biogeosystem characterized by lower TOC 
content, lower microbial activity and limited microbial communities. In this regarding, 
methanogenesis is less robust and methane was produced at much lower rates. In 
comparison to Site GeoB17306, methylated compounds were still important 
methanogenic substrates in the sulfate reduction zone, while their contribution for 
methane production decreases due to the lower availability of substrates (methanol 
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methanogenesis: 13%-60%). At the SMTZ and within the methanogenic zone, 
methane was predominantly produced from H2/CO2 (e.g., 88%-97%). A minor 
fraction of methane could be produced from acetate in both sulfate reduction and 
methanogenic zones (generally < 3%), indicating the insignificance of acetoclastic 
methanogenesis in lower TOC sediment.  
From the geochemical and methanogenic variability in these different systems, it 
could be inferred that the most important control for methane production might be the 
activity of sulfate-reducing bacteria and the supply of organic matter, given the 
similarity of other environmental factors such as pH, salinity, temperature. In both 
biogeosystems, the quantitative importance of methylotrophic methanogenesis was 
particularly highlighted in the presence of sulfate reducers, as its contribution could 
be up to 74% in the surface sulfate-reducing sediment but less than 1% in the deeper 
methanogenic zone. Similar to our observations, King et al. (1983) reported that 
35.1-61.1% of methane production in slurries of sulfate rich intertidal sediments was 
from TMA, while methylamines and methanol only accounted for 1% and 5% of total 
methane production in the low sulfate lake sediments (Lovley and Klug, 1983). 
Furthermore, the role of acetate as methanogenic substrate also hinged on the 
thermodynamic control from sulfate-reducing bacteria in system with high TOC input, 
reflected from the different contributions of acetoclastic methanogenesis in the sulfate 
reduction and methanogenic zones at GeoB17306. Nevertheless, the activity of sulfate 
reducers may be not the major factor at GeoB17308, as methanogenic rates from 
acetate were much higher in the sulfate reduction zone than methanogenic zone. Thus, 
the importance of acetoclastic methanogenesis could also be a function of organic 
matter lability or supply rates. For example, acetate could contribute to a significant 
amount of methane production in the methanogenic zone at GeoB17306 (up to 31%), 
whereas the contribution was negligible at GeoB17308 (generally < 3%). Previous 
study also showed that acetate could account for 20-29% of the total methane 
production in organic-rich sediment from Cape Lookout Bight (Crill and Martens, 
1986). Under both circumstances, although methane production from H2/CO2 was 
also affected by the activity of sulfate reducers, hydrogenotrophic methanogenesis not 
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only significantly contributed to methane production in the sulfate-reducing sediment, 
but was the predominant pathway in methanogenic zone, indicating the importance of 
hydrogenotrophic methanogenesis in marine sediment.  
 
Fig. 5.9 Schematic illustrating the relative importance of different methanogenic pathways in 
marine sediments at Site GeoB17306 and Site GeoB17308, Mediterranean Sea. The relative 
importance of methanogenic pathways were estimated with methanogenesis rates from 
bicarbonate, acetate and methanol.  
 
Furthermore, as methane production was detected in the presence of sulfate in 
both these biogeosystems, our results also have global implications for methane 
budget. In the surface sediment, the endogenous methane from hydrogenotrophic and 
methylotrophic methanogenesis could lead to methane escaping to the water column 
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before being oxidized, which could be further emitted to the atmosphere through 
air-sea exchange. The methylated compounds, relatively abundant in marine 
environment, could also stimulate the methane production in anoxic microniche in the 
ocean. Hence, the surface sediment and overlying water column could be a likely 





In the present study, integrated investigations on methanogenic substrates, 
activity and diversity were performed to quantitatively estimate the relative 
contribution of different methanogenic pathways in marine sediment, northwestern 
Mediterranean Sea. As potential non-competitive substrates, methylated substrates 
such as methanol, TMA and DMS were present in the pore water and sediments. The 
spatial and vertical distributions of these substrates were either influenced by 
terrestrial organic matter input or regulated by microbial production or consumption 
processes. Methane production from H2/CO2, acetate, methanol and methylamine was 
all detected along the sediment cores with radiotracer experiment, and relative activity 
could be influenced by environmental factor such as organic matter reactivity and the 
activity of sulfate-reducing bacteria. In the sulfate-reducing sediment, methylotrophic 
methanogenesis contributed to 13%-74% of the total methane production. 
Hydrogenotrophic methanogenesis dominated the methane production with the 
depletion of sulfate (67%-97%), and acetate could contribute to a significant amount 
of methane production in organic-rich sediment. Methanogenic community diversity 
correlated well with the geochemical profiles and the distribution of methanogenic 
rates from different pathways. Our study highlights the importance of methylotrophic 
methanogenesis in the sulfate-reducing sediments, and provides the quantitative 
assessment on the relative contribution of three different methanogenic pathways for 
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This PhD project aims to constrain the least acknowledged methanogenic 
pathway, methylotrophic methanogenesis in marine sediments. The performed studies 
improved our current understanding on methylated substrates and methylotrophic 
methanogenesis, and provided new insights into its quantitative importance for 
methane production in marine sediment. The major conclusions are:  
1) Novel analytical methods allow for the quantitative or isotopic analysis of 
methylated substrates in marine sediments. In this thesis, new sensitive methods with 
different pretreatment procedures were established for the trace analysis of methylated 
compounds in marine sediment or pore waters. With these protocols, the 
concentrations or isotopes of methanol, ethanol, TMA, DMS or DMSP were 
successfully determined in small volumes of marine pore waters or sediments. 
2) Low-molecular-weight methylated compounds are present in marine sediment 
or pore waters. The abundance and distribution of methylated compounds were 
investigated in a variety of marine sediments. Methanol and ethanol concentrations 
were generally lower than 10 μM in the pore water. The concentrations of TMA and 
DMS were at the nanomolar range in the pore water, while the base-extractable TMA 
and base-hydrolyzable DMS were at least three orders of magnitude higher in the 
sediment. The distribution of methylated compounds showed spatial and vertical 
variability, which could be related to the production and consumption processes. The 
occurrence of these methylated compounds suggested that they could be potential 
substrates for methylotrophic methanogenesis.  
3) Methylotrophic methanogenesis was the dominant methanogenic pathway in 
hypersaline sediments. Large amounts of methane occurred in the presence of high 
concentrations of sulfate in Orca Basin, and strong evidences from substrate 
abundance, carbon isotopes systematics, thermodynamic calculations, experimental 
incubations and lipid and gene biomarkers confirmed that methane could be produced 
from methylotrophic methanogenesis with the utilization of methylated substrates. 
The findings highlight the particular importance of methylotrophic methanogenesis in 
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hypersaline environments.  
4) Methylotrophic methanogenesis could significantly contribute to methane 
production in the sulfate-reducing sediment. In estuarine sediments from northwestern 
Mediterranean Sea, the relative importance of different methanogenic pathways were 
quantitatively assessed with depth related methanogenesis rate measurements. The 
turnover time for methylated substrates such as methanol (~44 days) and methylamine 
(~25 days) were much faster than acetate (> 105 days) and bicarbonate (> 106 days) in 
the surface sulfate-reducing sediments. Consequently, methylotrophic methanogenesis 
could account for 13-74% of the total methane production in the sulfate reduction 
zone. In the sulfate-depleted sediments, hydrogenotrophic methanogenesis dominated 
the methane production (67%-97%), acetoclastic methanogenesis could also supply a 
significant amount of methane in organic-rich sediment (31%), while the contribution 
was neglected from methylotrophic methanogenesis (< 1%). These results also 
demonstrated that the activity of sulfate-reducing bacteria and the supply of organic 




Although new constraints from this study have advanced our qualitative and 
quantitative understanding on methylated compounds and methylotrophic 
methanogenesis in marine sediments, there is still space to be improved or open 
questions could be further addressed: 
1) The precursors and the generation of methylated compounds in marine 
sediment. Whereas the low-molecular-weight methylated compounds are present in 
the marine sediment, their precursors and the processes how they are produced are not 
fully constrained. For example, the degradation of lignin or pectin might contribute to 
the formation of methanol (Donnelly and Dagley, 1980; Schink and Zeikus, 1980). In 
addition to known precursors from osmolytes (e.g., glycine betaine, DMSP), amino 
acids could also be decomposed to TMA and DMS (Kiene and Capone, 1988; King, 
1984). In the carbonate sediment, it has been assumed that high abundance of amino 
Chapter 6 
172 
acid (e.g., glycine, methionine) provided a source of methylated substrates for 
methanogens that allow them to produce significant amounts of methane in the sulfate 
reduction zone (Mitterer, 2010; Mitterer et al., 2001). For these assumptions, it would 
be helpful to look for more direct evidences, e.g., with in vitro incubation 
experiments.  
2) The metabolism of methylated compounds by non-methanogenic process. 
Despite that methylated compounds are non-competitive substrates for methanogens, 
previous studies also demonstrated that the consumption of these compounds could be 
related to non-methanogenic processes (Daniel et al., 1999; Kiene et al., 1986; King et 
al., 1983). Thus questions might arise which other microorganisms could utilize these 
substrates and what is the relative importance of methanogenic or non-methanogenic 
pathways for their consumption. The answer for these questions may help us better 
understand the biogeochemistry of low-molecular-weight compounds in marine 
sediment. 
3) Isotopic analysis of volatile alcohols. Given the abundance and the rapid 
turnover of methanol, the role of methanol as substrates for methanogen or other 
microbes might be more important than previously recognized. To better understand 
the metabolic pathways involving methanol production or consumption, the carbon 
isotopes of methanol could provide valuable information, as inferred from acetate 
metabolism in marine sediment (Heuer et al., 2009). However, the HPLC method for 
acetate (Heuer et al., 2006) can not suffice the isotopic analysis of methanol due to the 
low concentration in the pore water. A possible way for it is to couple the developed 
purge and trap system to the GC-IRMS, while the fractionation effect during 
separation between liquid and gas phase needs to be considered and requires further 
examination.  
4) The assimilation of methylated compounds into biomass. In addition to 
serving as energy source, methylated compounds are important source of carbon for 
marine methylotrophs. The uptake of methanol by denitrifying microorganisms has 
been demonstrated through DNA-SIP experiment (Ginige et al., 2004; Kalyuhznaya et 
al., 2009). Both turnover to methane and assimilation into lipid of methanol by 
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ANME was observed with SIP in ANME-dominated microbial mat of Black Sea 
(Bertram et al., 2013). Thus it would be attractive to link the biomarker or in-situ 
community with the assimilation activity of methylated compounds with SIP or 
radiotracer assays.  
5)  Factors influencing methanogenic pathways and potential implications for 
methanogenesis in the marine subseafloor. As demonstrated in this thesis, the relative 
importance of different methanogenic pathways might vary from habitat to habitat, 
from site to site, and factors such as salinity, the activity of sulfate-reducing bacteria 
and organic matter could significantly influence the production of methane. Likewise, 
other environmental factors, such as pH or temperature could also affect methane 
production. In deep marine subseafloor, it has been shown that acetate could be 
abundantly released with increasing temperature during burial, and acetoclastic 
methanogenesis was considerably stimulated due to the high availability of acetate 
(Wellsbury et al., 1997). As degradation products from organic matter, methylated 
compounds, e.g., methanol, could also be expected to be generated in the increasingly 
heated sediment. If so, methylated compounds could be high energetic substrates for 
methylotrophic methanogenesis or other processes in deep biosphere.  
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